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Chapter 1. Introduction 
1.1 Microalgae: source of high value-added products 
Microalgae are a diverse group of unicellular photosynthetic microorganisms comprising 
eukaryotic protists and prokaryotic cyanobacteria that live in saline and freshwater environments 
[1]. They are the major primary producers in water bodies, and play important roles in the material 
circulation and energy flow of aquatic ecosystems [2]. They can carry out photosynthesis for 
autotrophic growth, converting solar energy and carbon dioxide into available algal biomass, and 
producing oxygen [3]. According to the reports, microalgae consume a considerable amount of 
greenhouse gases and produce approximately half of the atmosphere oxygen, which have a 
significant positive effect on the environment and ecology [4]. On the other hand, microalgae are 
one of the bases of the food chain, which are able to provide energy for all the trophic levels above 
them, and play a role in energy flow and circulation [2]. It is reported that the species of 
microalgae is between 200,000 and 800,000, of which about 50,000 species have been isolated 
and identified. These microalgae are widely distributed in aquatic ecosystems, and most of them 
are easy to artificially propagate and rich in an abundant of trace elements and biologically active 
substances, thus they have broad application prospects in food, feed, supplements, cosmetics, 
pharmaceutical, biofuel, environmental protection and other industries. Although the potential of 
microalgae in production and life is extremely huge, their development level is still relatively low 
at this stage which is in its infancy. It is urgent to replace the increasingly depleted traditional raw 
materials with renewable microalgae in various fields. 
In recent decades, with the development of modern biotechnology and the improvement of 
separation and identification methods, the research and application of microalgae has entered a 
whole new era. It is reported that, over 15,000 new compounds derived from algal biomass have 
been structure-determined [5]. Recently, microalgae have been regarded as the novel and 
sustainable alternatives to conventional microbial cell factories (such as bacteria), since they are 
able to produce a vast quantity of bioactive products at high efficiency through photosynthesis 
[6]. These high-value-added products from microalgae include primary metabolites such as 
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proteins, carbohydrates and lipids, and secondary metabolites including chlorophylls, carotenoids, 
phycocyanin, sterols, plant hormones, phenylpropanes, with various biological properties, such 
as nutrition, neuroprotection, anti-oxidation, antibacterial, anti-inflammatory, anti-tumor 
properties. It is predicted that the global market of microalgal products will increase to 1.14 billion 
dollars by 2024 [7]. However, there are still many major challenges, to quantify the benefits 
obtained from microalgae, fully understand the potential adverse effects of some by-products, and 
ensure the sustainable supply of microalgal biomass for large-scale industrial production [8]. 
1.1.1 The freshwater microalga Euglena gracilis 
Euglena gracilis is one of the most widely and successfully cultivated commercial 
microalgae, amd usually found in quiet inland waters. When its population reaches a certain 
number, the ponds and ditches will be greened. The micrograph of E. gracilis was shown in Figure 
1-1. The cell surface of E. gracilis is soft, lacking cell wall, and there is only one film composed 
of protein layers supported by microtubule structure [9]. This film spirals around the cells and can 
slide on each other. It is one kind of metabolite polysaccharides, giving excellent flexibility and 
contractility to the E. gracilis cells, so that the cells can regulate their cell morphologies according 
to the external environments and the biological clock [10]. The morphology of the microalgae 
cells can often reflect the living state of the cells. When the cell state is needle-shaped, the algae 
cells tend to have stronger cell vigor and metabolic activity. Therefore, the cell aspect ratio of E. 
gracilis is often used as a biological indicator to evaluate the physiological state of algae cells. 
 
Figure 1-1. Micrograph of Euglena gracilis cells. 
The lifestyle of the E. gracilis is quite special. It has both plant and animal characteristics: 
on the one hand, when there is sufficient sunlight, it can use chloroplasts containing chlorophyll 
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a and b to synthesize carbohydrates for living. On the other hand, it can also absorb external 
nutrients through osmosis and grow like animals. In the microalgae cells, it contains an organelle 
composed of carotenoid particles called an eye point. The eye point itself is not photosensitive, 
but it filters out the sunlight that falls on the light-detecting structure at the bottom of the flagella, 
allowing the cells to find and move toward the light, which is also the reason for the phototropism 
of E. gracilis cells [11]. 
Due to its faster growth rate than terrestrial plants and many other advantanges, E. gracilis 
has been widely used as a model microorganism in physiological and biochemical research. In 
addition, this alga has the special phylogenetic position, and is easy to cultivate, thus, E. gracilis 
is a suitable protozoa to work with [12]. Different from bacteria and other protists, E. gracilis has 
no pathological risks to humanbeings, and it is safe to conduct large-scale cultivation outdoors. 
E. gracilis can grow autotraphically through photosynthesis and heterophically by phagocytosis. 
Different carbon sources can be assimilated by the microalgal cells in a wide pH range. Moreover, 
it can utilize the abandoned phosphorus and nitrogen from the wastewater containing chemical 
and organic pollutants [13]. Thus, it is also an important species of microalga for the purification 
of aquatic environment. 
1.1.2 Valuable metabolites in E. gracilis and the application fields 
The metabolic capacities of E. gracilis is complicated, and comparable to those of 
multicellular organisms, which provides extansive opportunities for the production of high-value-
added metabolites [12]. According to the report of literature [14], the dry cell biomass of E. 
gracilis contains around 23.1% proteins, 7.5% lipids and 64.9% total carbohydrates. In addition, 
alga contains 21.68 μg·g-1 total carotenoids, of which the most abundant is β-carotene (10.48 μg·g-
1). The GC-MS analysis of the extract of E. gracilis illustrates that the content of sugar alcohol 
and free amino acid are 28.1% and 17.8% of the dry biomass weight, respectively. Among them, 
mannitol is the most important sugar alcohol, known as the important osmotic regulator, which 
can regulate the inflammation. Other important sugars detected from GC-MS analysis were 
glucose and trehalose. The major composition of amino acids is L-leucine, L-valine and L-proline, 
with concentrations of 2.4%, 1.8% and 1.5% respectively. 
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Table 1-1. Metabolites in the dried cell biomass of E. gracilis [11]. 
Major metabolites in 
dried E. gracilis cells 
Content (%DW)  
Secondary 
metabolites in 















21.68 D-mannitol 27.96 
Lipids 7.5 Total β-carotene 10.48 Phosphate 5.21 
Total carbohydrates 64.9 
Total 
canthaxanthin 
4.86 D-glucose 3.28 
  β-Cryptoxantin 6.04 L-leucine 2.42 
  trans-Lutein 3.7 L-valine 1.76 




6.16 L-alanine 1.53 
  cis-β-carotene 4.32 L-lysine 1.20 








    L-threonine 1.09 




    Serine 0.94 
    Trehalose 0.82 
    L-tyrosine 0.77 
    Aspartic acid 0.7 
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The potential of E. gracilis in commercialization has been recognized after the discovery of 
the rich proteins content and amino acid profiles [15]. Euglena gracilis can produce an unique 
metabolite called paramylon (β-1,3 glucan) as well, which is a glucose polymer with β-1,3 
linkages structurally similar to starch. Recently, its medical potential has been reported, for 
instance, paramylon and its chemically modified derivatives exhibit a certain degree of anti-HIV 
activity [16], antitumor activity [17], and anti-infection activity [18]. Thus, its biomass production 
has been greatly encouraged due to the biomedical applications of paramylon [19]. It has been 
reported that there are a lot of carbohydrate-active enzymes in E. gracilis cells and its ability of 
synthesizing complex polysaccharides is exceptional for unicellular organisms. In addition, E. 
gracilis contains a variety of essential nutrients such as vitamins, minerals, and unsaturated fatty 
acids including docosahexaenoic acid (DHA), eicosapentaenoic acid (EPA), and these high-value 
added metabolites are easy to be digested and absorbed by human body due to lack of cell wall in 
E. gracilis, implying its great potentia as a valuable resource of health supplements [20]. In recent 
decades, E. gracilis derived bioproducts have been extensively studied, which fostered a rise in 
the number of research papers regarding the new metabolites identification, physiological 
functions exploration, and their promising applications. 
Apart from the conventional application fields of food, feed and health products, E. gracilis 
is also an emerging alternative to biofuel production, due to the fast growth rate and high lipid 
productivity. Meanwhile, E. gracilis has positive impacts on the environment, since it is able to 
allievite the greenhouse effect by producing fresh oxygen and consuming carbondioxide. In 
addition, E. gracilis also has a prominent role in the purification of organic matter and radioactive 
substances in the aquatic environment. In addition to its application in bioremediation, E. gracilis 
is also a cultivable microalga for the accumulation of various metabolites and bioproducts with 
mulyiple applications. Thence, the market of E. gracilis is expected to continue to increase in the 
future. 
1.2 Bottleneck of Commercialization 
With the development of modern separation and identification technology, the application of 
microalgae has entered a new stage. A large number of microalgae are used in food, health care 
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products, pharmaceuticals, cosmetics, animal feed, biofuels and many other fields. It has become 
increasingly important to replace the increasingly scarce traditional resources with inexhaustible 
microalgae resources. In the process of commercialization (Figure 1-2), microalgae have to 
undergo strains screening, cultivation, harvesting, extraction and purification. However, the 
production of algal biomass and metabolites are strictly limited by the external environments, 
such as light, pH, temperature, salt concentration, radiation, pesticides, heavy metal pollution, etc., 
which will greatly limit the growth of microalgae [21-25]. Open culture can also lead to severe 
evaporation of water and insufficient supply of carbon dioxide, resulting in slower accumulation 
of metabolites. Open-air culture will also lead to severe evaporation of water and insufficient 
supply of carbon dioxide, resulting in a slower accumulation of metabolites in microalgae. In the 
face of unfavorable growth environment, algae cells will enter an oxidative stress state, and a 
large amount of active oxygen is generated in the cells, resulting in redox imbalance, and protein, 
membrane lipids and other cellular components are destroyed. Eventually the growth and 
metabolism of algal cells is adversely affected. 
 
Figure 1-2. The process of commercialization of microalgae 
On the other hand, the accumulation of high-value-added bioproducts in microalgae is often 
not conducive to the growth of microalgae, which is a potential contradiction in microalgae 
biomass production. This implies that while increasing the accumulation of beneficial metabolites, 
the production of algal biomass is often hindered, which greatly limits the development of the 
microalgae industry. Therefore, finding an approach that can effectively shorten the microalgae 
culture cycle, safely and efficiently promote the growth of microalgae, and simultaneously 
increase the accumulation of high-value-added bioproducts in E. gracilis is essential for the 
development of microalgae commercialization, and it has become a top priority to satisfy the 
increasing demands of customers for microalgae production. 
1.3 Approaches to improving the algal biomass yield 
Researchers have spent a significant amount of time and efforts to overcome these problems. 
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From a micro perspective, gene editing seems to be a good solution and this topic is now very 
popular. Theoretically, by modifying some functional genes, we can stably enhance yield and even 
improve the properties against bacteria or diseases. From a practical perspective, however, the 
cost of this method is extremely high and the process is more complex than normal approaches. 
More importantly, the safety of the genetically modified microorganisms is still controversial and 
the method should be severely restricted [26]. From a macro point of view, the most common 
method used to improve growth and metabolism is supplementing with various types of additives, 
for example, exogenous nutrients [27] and plant hormones [28]. Nevertheless, these additives are 
still costly. It was reported that 1,000 mg/L of alginate oligosaccharides derived from macroalgae 
could promote the growth of Spirulina platensis 3.68-fold [29], and 5,000 mg/L of steel-making 
slag, a byproduct of steel processing, could increase the growth of S. platensis 1.12-fold [30]. 
These studies suggested a new and promising strategy to enhance microalgae yield at a low cost 
with high efficiency by simply adding unutilized or waste materials. 
1.4 Potential candidates from lignocellulosic materials 
Lignocellulosic biomass, which is widely present in land plants, is a potential alternative to 
the conventional growth additives because it is one of the most abundant and renewable carbon 
resources in nature. Its composition is relatively complicated, mainly composed of cellulose, 
hemicellulose and lignin, of which the structure was as shown in Figure 1-3. The hydrolyzed 
monomers of cellulose, hemicellulose and lignin are glucose, pentose and hexose, and phenolic 
substances, respectively. Research on the utilization of cellulose to microalgae cultivation has 
been widely reported. For example, the enzymatic hydrolysate of rice straw could be utilized as 
an alternative carbon source for the cultivation of Chlorella pyrenoidosa and can significantly 
increase its lipid productivity [31]. Similarly, straw cellulose hydrolysate could promote the 
growth of Chlorella and Scenedesmus species, and increase the intracellular polyunsaturated fatty 
acid content [32]. In these reports, the monosaccharides (mainly glucose) in cellulosehe palyed 
the main role in the microalgal growth promotion. 
As for hemicellulose and lignin, which have more complex components in lignocellulose, 
they are not fully utilized. Because of the complex linkages between these components, they are 
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usually discarded/abandoned in large quantities. However, a variety of active ingredients from 
these biomass have been identified and they have a variety of physiological functions. If these 
lignocellulosic compounds, which are largely discarded in nature, can be utilized for microalgae 
cultivation, this will help alleviate the burden on the aquatic environment and contribute to the 
production and industrialization of microalgal biomass. 
 
Fig. 1-3 Composition of lignocellulose and their content.  
(Copyright: https://www.cell.com/trends/chemistry/S2589-5974(20)30055-1) 
1.4.1 Cellulose derived elicitors 
It has been proved to be a novel and effective way to cultivate microalgae by using cellulose 
hydrolysate as the organic carbon sources, because the glucose derived from cellulose can be 
easily utilized by most microalgae, and the cells enter the mixtrophic growth mode. Under 
mixtrophic nutrient conditions, the presence of glucose substrate can make the growth of 
microalgae cells not strictly dependent on photosynthesis, and the final biomass yield can exceed 
the sum of those under photoautotrophism and heterotrophism [33]. The potential of hydrolysates 
from rice straw and sweet sorghum as cheap carbon sources for microalgae growth have already 
been confirmed and the result showed that biomass and lipid production of Chlorella pyrenoidosa 
and Chlorella vulgaris were greatly improved under mixotrophic culture with the hydrolysates 
[34,35]. Similar report has also been reported on E. gracilis. Kim et al. found that industrial waste 
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byproducts, corn steep liquor and brewer's spent grains, were able to be used for heterotrophic 
cultivation of E. gracilis, and significantly increase the production of paramylon [36]. This 
implies that the utilization of glucose derived from the cellulose hydrolysate for the cultivation of 
E. gracilis is feasible and related researches have been extensively studied. Therefore, this issue 
was not considered in this study. 
1.4.2 Hemicellulose derived elicitors 
Although the glucose in these hydrolysates of cellulose can be easily utilized by microalgae, 
other pentoses and hexoses from the hemicellulose are not fully used by the microalgae. For 
example, xylose was reported as a difficult substrate for microalgae growth, and only few species 
of wild-type microalgae were able to utilize xylose naturally [37,38]. In some cases, toxicity of 
xylose to some microalgae was even observed, including inhibition of photosynthesis [39], 
inactivation of hexokinase inhibiting of glycolysis [40], and substantial pigment loss [38], etc. 
Hence, screening microalgae strains containing multiple organic carbon metabolism pathways 
was essential for the production of microalgal biomass using lignocellulosic materials. In this 
study, two hemicellulose hydrolysate related sugar alcohols, mannitol and xylitol, were selected 
as the carbon sources for the growth of E. gracilis.  
Therefore, two hemicellulose hydrolysate related sugar alcohols, mannitol and xylitol, were 
selected as the carbon sources for the growth of E. gracilis. Mannitol is one of the most abundant 
energy and carbon storage molecules in nature, which could be produced by a plethora of 
organisms, including bacteria, yeasts, fungi, macroalgae (especially brown algae), lichens, and 
many other plants [41]. It is also the major component of hemicellulose in soft wood [42]. 
However, there have been no reports of utilizing mannitol as the carbon source for the growth of 
E. gracilis cells [43]. The metabolic pathway of mannitol in yeast has been identified, and it is 
very likely that similar pathways also exist in E. gracilis cells [41]. In addition, xylitol is a 
hydrogenated product of xylose, which also has a wide range of sources. In most xylose 
assimilating microorganisms, xylose was first reduced to xylitol and finally oxidized to xylulose 
in cells [37]. However, some microalgae that lack xylose reductase were unable to assimilate 
xylose, usage of xylitol as the carbon source for microalgae can avoid this disadvantage. Thus, it 
 
- 10 - 
 
is necessary to analyze the availability of mannitol and xylitol to E. gracilis cells and their effects 
on the metabolites biosynthesis.  
1.4.3 Lignin derived byproducts 
Lignocellulose is one of the most abundant raw materials in nature, but its utilization rate is 
relatively low, and the current development mainly focused on the use of cellulose, while the 
utilization of hemicellulose and lignin is very limited, especially for lignin, as it is a cross-linked 
phenolic polymer which is resistant to degradation and acid- and base-catalyzed hydrolysis [44]. 
The development of lignocellulosic raw materials inevitably leads to a large amount of lignin 
being discarded. Especially in the paper industry, a large amount of lignin is removed from wood 
pulp in the form of lignosulfonates and becomes the major by-product in sulfite pulping waste 
liquor. Meanwhile, due to the improper discharge, it has also become the source of significant 
environmental concerns. In order to solve this problem, making full use of LIGNs is helpful to 
alleviate the environmental stress and improve the economic benefits of pulping waste liquor. 
Researchers have keenly discovered the phytohormone-like regulatory role of LIGNs in the 
cultivation of a variety of higher plants, but there was no report that LIGNs could affect the growth 
of microalgae. If LIGNs are able to serve as stimulants for the growth of E. gracilis, it will achieve 
multiple benefits, not only to improve the economic benefits of E. gracilis cultivation, but also to 
reduce the environmental burden caused by pulping liquor.  
1.4.4 Lignin derived elicitors 
Lignins are mainly composed of three basic monolignols which was oxidative coupled (as 
building blocks), including guaiacyl, p-hydroxyphenyl, and syringyl alcohols. Because it 
contained an abundant of phenolic compounds, thus there are a lot of phenols in the wastewater 
from downstream industries of lignin. A variety of physiological activities, such as antioxidant, 
antibacterial, anti-tumor and anti-diabetic have been reported, however, there is little research on 
the effects of phenolic compounds on the growth and biochemical synthesis of E. gracilis. 
Therefore, investigation of the effects of phenols, as the predominant phenolic derivatives in 
waste streams, on the physiological and biochemical parameters of E. gracilis, are important. 
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1.5 Objective of the research 
The aim of this study is to explore the effects of various components in lignocellulosic 
materials and its related by-products on the growth and metabolism of E. gracilis, mainly on the 
lipid biosynthesis. Therefore, the focus is on the hexose and pentose sugars from hemicellulose, 
the industrial by-product calcium lignosulfonate, and phenolic acid and aldehydes from the lignin 
hydrolysate with three basic structures. Effects of these growth additives were evaluated by 
parameters such as cell density, dry weight, cell morphology, photosynthetic pigment content and 
ratio, and macromolecular metabolite content. In addition, we also compared the metabolic 
profiles by Fourier transform infrared spectroscopy combined with multivariate analysis. This 
will help to better regulate the accumulation of high value-added products in E. gracilis cells. 
This experiment mainly focuses on the use of some basic structures from lignocellulose, and there 
is still a lack of exploration on the direct utilization of industrial waste lignocellulose. However, 
this research provides a direction and basis for the further utilization of abandoned lignocellulosci 
materials. Therefore, in future work, we are committed to improving this part of the work. 
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Chapter 2. Effect of hemicellulose-derived sugar alcohols on the growth 
and metabolites biosynthesis of Euglena gracilis 
It is an effective solution to overcome the bottlenecks of commercial production of 
microalgal biomass by providing cost-effective and environment-friendly organic carbon sources 
for microalgal mixotrophic growth. In this chapter, effects of lignocellulose-related mannitol and 
xylitol on the growth, photosynthetic pigment content, cell morphology, and metabolites 
biosynthesis of freshwater microalga Euglena gracilis were investigated. The results revealed that 
both mannitol and xylitol effectively promoted the growth of E. gracilis, and at the optimal dosage 
of 4 g·L-1, the biomass yield was increased by 4.64-fold and 3.18-fold, respectively. Increase of 
cell aspect ratio was only observed in mannitol treatment groups, indicating that E. gracilis had 
different physiological responses to mannitol and xylitol. Fourier transform infrared spectroscopy 
combined with multivariate analysis was applied to analyze the cellular components. The lipid 
content of E. gracilis was significantly promoted by these two sugar alcohols, which would 
increase its potential in biofuel production. 
2.1 Introduction 
With the growth of world population, the impact of global warming and the depletion of 
petroleum fuels, people are facing threats from food, energy and environment. In recent years, 
microalgae which were widely distributed in aquatic environment have attracted attention because 
of their ability as cell factories for various natural products [1]. Euglena gracilis is a common 
freshwater microalga, and viable with both phagotrophic and phototrophic modes. E.gracilis can 
produce a large number of products with high nutritional value or economic benefits, such as β-
1,3-glucan, polyunsaturated fatty acids, amino acids, α-tocopherols, chlorophylls, carotenoids and 
wax esters, etc., used as a promising feedstock in many fields such as food, pharmaceuticals, 
supplements, animal feed, and cosmetics [2,3]. In addition, its potential as biodiesel or aviation 
biofuel has also been greatly exploited to increase the lipid content by changing the culture modes 
[4]. However, a number of technical challenges remained before it can be fully applied in the 
highly competitive biofuel market, including optimization and improvement of culture conditions, 
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complete understanding of the biofuel production mechanisms, and effective techniques for large-
scale cultivation of microalgae [5-7]. Generally, due to the restriction of illumination, 
conventional autotrophic cultivation has being suffering from the low biomass density, which 
resulted in the great increase in the cost of microalgae cultivation, and impeded the large-scale 
commercial algal production [8]. In face of the increasing market demand for E. gracilis, cost-
effective, environment-friendly and practical solution to enhance biomass yield of E. gracilis are 
expected. 
Improving the microalgal growth and beneficial metabolites accumulation by additives 
derived from abandoned biomass was recognized as a cheap and effective strategy [9]. It was 
reported that, 5 g·L-1 steelmaking slag, the industrial by-product, could increase the growth and 
lipid production of Botryococcus braunii by 1.74 and 2.16 times, respectively, and found that the 
elusion of iron from the slag played a key role [10]. In addition, ferulic acid and phytic acid from 
agro-waste rice bran were also reported to promote the growth of E. gracilis at most 1.6 and 3.6 
times, respectively [11,12]. The former might serve as the available phosphorus source for the 
growth of E. gracilis, while the latter might play a role similar to phytohormones. Generally, 
supplementing carbon sources in the microalgal cultivation has been proven to be the most 
effective method to promote the microalgal growth and increase the final productivity of 
metabolites, since the algal cells under the mixotrophic culture can yield more ATP and biomass 
than that under the autotrophic cultivation [7]. However, the addition of organic carbon to the 
microalgae cultures could significantly increase the operational cost. Therefore, exploitation of 
cheap organic carbon sources from waste biomass is essential.  
Lignocellulosic biomass widely distributed in land plants is one of the most abundant and 
renewable carbon resources in nature [13]. However, the vast majority of these carbon resources 
are abandoned. It is a novel and promising method to culture microalgae by using carbon sources 
derived from lignocellulose materials. The potential of hydrolysates from rice straw and sweet 
sorghum as cheap carbon sources for microalgae growth have already been explored and the result 
showed that biomass and lipid production of Chlorella pyrenoidosa and Chlorella vulgaris were 
greatly improved under mixotrophic culture with the hydrolysates [14,15]. Although the glucose 
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in these lignocellulosic hydrolysates can be easily used by microalgae, other pentoses and hexoses 
are not all fully utilized by microalgae. For example, xylose was reported as a difficult substrate 
for microalgae growth, and only few species of wild-type microalgae were able to utilize xylose 
naturally [16,17]. In some cases, toxicity of xylose to some microalgae was even observed, 
including inhibition of photosynthesis [18], inactivation of hexokinase inhibiting of glycolysis 
[19], and substantial pigment loss [17], etc. Hence, screening microalgae strains containing 
multiple organic carbon metabolism pathways was essential for the production of microalgal 
biomass using lignocellulosic materials. In this study, two hemicellulose hydrolysate related sugar 
alcohols, mannitol and xylitol, were selected as the carbon sources for the growth of E. gracilis. 
Mannitol is one of the most abundant energy and carbon storage molecules in nature, which could 
be produced by a plethora of organisms, including bacteria, yeasts, fungi, macroalgae (especially 
brown algae), lichens, and many other plants [20]. It is also the major component of hemicellulose 
in soft wood [13]. However, there have been no reports of utilizing mannitol as the carbon source 
for the growth of E. gracilis cells [21]. The metabolic pathway of mannitol in yeast has been 
identified, and it is very likely that similar pathways also exist in E. gracilis cells [20]. In addition, 
xylitol is a hydrogenated product of xylose, which also has a wide range of sources. In most xylose 
assimilating microorganisms, xylose was first reduced to xylitol and finally oxidized to xylulose 
in cells [16]. However, some microalgae that lack xylose reductase were unable to assimilate 
xylose, usage of xylitol as the carbon source for microalgae can avoid this disadvantage. 
Aim of this study is to investigate the availability of mannitol and xylitol to E. gracilis cells 
and their effects on the metabolites biosynthesis. To better understand the cellular status and 
physiology in response to different sugar alcohols, cell growth, photosynthetic pigments content 
and cell morphology were evaluated under mixotrophic cultures with mannitol and xylitol. 
Furthermore, high-throughput Fourier transform infrared spectroscopy (FT-IR) combined with 
multivariate analysis was used to analyze the changes in the intracellular macromolecular pool, 
so as to determine the effect of different sugar alcohols on the product biosynthesis of E. gracilis. 
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2.2 Materials and methods 
2.2.1 Microalga and culture conditions 
Freshwater microalga E. gracilis Klebs (NIES-48) was purchased from National Institute for 
Environmental Studies, Japan. Algal cells were pre-cultured in Cramer–Myers (CM) medium 
with the following composition (mg·L-1): (NH4)2HPO4, 1000; KH2PO4, 1000; MgSO4·7H2O, 200; 
CaCl2·2H2O, 20; FeSO4·7H2O, 3; MnCl2·4H2O, 1.8; CoSO4·7H2O, 1.5; ZnSO4·7H2O, 0.4; 
Na2MoO4·2H2O, 0.2; CuSO4·5H2O, 0.02; Vitamin B12, 0.0005; Thiamine HCl, 0.1. 
Mannitol and xylitol stock solutions were pre-configured and sterilized by filtering using 
vaccum filters (Nalgene, Thermo Fisher Scientific, USA). Different concentrations of sugar 
alcohol solutions were obtained by diluting the pre-configured stock solution with fresh CM 
medium. When the algal cells entered the exponential growth phase, 10 mL of cell suspension 
were inoculated to a 300 mL Erlenmeyer flask, and different concentrations of mannitol and 
xylitol solution and CM medium were added, with a final culture volume of 100 mL. The final 
concentrations of mannitol and xylitol treatment groups were 0, 0.1, 0.5, 2 and 4 g·L-1. All groups 
were cultured at 25 ± 1 °C and illuminated by the cool white fluorescent lamps at the light intensity 
of 5000 lx with a 12-12 h light and dark cycle. To avoid cell aggregation and ensure uniform light 
exposure, flasks were manually shaken three times per day. 
2.2.2 Growth parameters 
Cell density was measured periodically using a hemocytometer (Thoma, Hirschmann, 
Germany). Aliquot 300 μL of cell suspension from the cultures was picked and 200 μL of ethanol 
was added to fix the cells. The cell density was counted under the light microscope (Motic, BA210, 
Japan). Specific growth rate μ (d-1) and doubling time (DT, d) were also calculated according to 





𝐷𝑇 = 𝑙𝑛2 𝜇⁄ (2) 
Where t1 and t2 are the beginning and end times of the log growth phase, and D1 and D2 are 
the cell density at the time of t1 and t2, respectively. 
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The pH of culture filtrate was regularly determined by pH meter (LAQUA-2103AL, Horiba, 
Japan). At the end of cultivation, cell dry weight of each group was also measured. Algal cells 
were harvested by filtering 5 mL of cell suspension through filter paper of which the pore size 
was smaller than 0.45 μm (GC-50, Advantec, Japan). The deposited cells were rinsed with 
deionized water twice to remove the remained salts, and then were dried in the oven (AVO-250N, 
As one, Japan) at 80°C overnight. After being transferred to the desiccator and cooled to room 
temperature, cell dry weight was obtained by calculating the difference between the final and 
initial weight of the filter papers. 
In addition to the algal biomass, chlorophyll content and ratio of carotenoids to total 
chlorophyll were also determined according to modified Lichtenthaler’s method [23]. Five 
milliliter of algal suspension was collected by the filtration and harvested cells were washed with 
deionized water. Hereafter, cells were ground with glass sand and 80% acetone solution was added 
to extract the pigments. Until the cell debris was colorless, the homogenate of extract was filtered 
and the filtrate was collected in the volumetric flask and made up to 10 mL with 80% acetone. 
Chlorophyll a, chlorophyll b, and carotenoids content (mg·L-1) were determined by the 
spectrophotometer (Genesys 10S UV-Vis, Thermo Fisher Scientific, USA) at the wavelength of 
663 nm, 645 nm and 470 nm, respectively. Their specific content was calculated via Eq. (3), Eq. 
(4) and Eq. (5). 
𝐶ℎ𝑙𝑎 = 12.21𝐴𝑏𝑠663 − 2.81𝐴𝑏𝑠646 (3) 
𝐶ℎ𝑙𝑏 = 20.13𝐴𝑏𝑠646 − 5.03𝐴𝑏𝑠663 (4) 
𝐶𝑥+𝑐 = (1000𝐴𝑏𝑠470 − 3.27𝐶ℎ𝑙𝑎 − 104𝐶ℎ𝑙𝑏)/229 (5) 
Where Chla, Chlb, and Cx+c denote the chlorophyll a, chlorophyll b, and carotenoids content, 
and Abs470, Abs646, and Abs663 are the absorbance of extract at the wavelength of 470 nm, 646 nm, 
and 663 nm, respectively. 
2.2.3 Quantification of cell morphological changes 
E. gracilis cells exhibit changes in cell morphologies (such as spindled, spherical, and 
elongated shapes) in different physiological states, so it is considered as an important indicator to 
evaluate growth [24]. Cell morphologies of more than 100 cells were observed and recorded by 
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light microscope (BA210, Motic, Japan) and the corresponding software (Motic Image Plus 2.2S). 
Micrographs were then imported into image processing software ImageJ (open source) and 
analysis of particle size was carried out. Feret’s diameter (the longest distance between any two 
points along the selection boundary) denote the cell length, and MinFeret (the minimum caliper 
diameter) denote the cell width. The ratio of Feret’s diameter to MinFeret is approximated as the 
cell aspect ratio. 
2.2.4 Cellular component analysis by FT-IR 
FT-IR spectroscopy analysis was carried out to analyze the changes in intracellular 
macromolecule pools. As a sensitive and high-throughput technology, FT-IR spectra could reflect 
the changes in carbon allocation of E. gracilis in response to different external environments and 
nutrition modes. To better analyze the product biosynthesis in different treatment groups, FT-IR 
spectroscopy analysis was performed following the method of Meng et al. [25]. Cell samples were 
collected by centrifuging aliquot 10 mL of cell suspension at 6000 rpm and then rinsed with 
deionized water for five times to eliminate the interference of mineral salts to the spectra. The 
washed cells were pre-frozen with liquid nitrogen and then dried in a vacuum freeze dryer (FDU-
1200, EYELA, Japan) at -50 ℃overnight. Freeze-dried cells were mixed with potassium bromide 
(KBr) powder at a weight ratio of 1:200, and the mixture was ground until the samples were 
evenly dispersed in KBr. After the mixture powder was pressed into thin sheet by a hand press, 
the samples were analyzed by the FT-IR spectrometer (Nicolet iZ10, Thermo Fisher Scientific, 
USA). The absorbance spectra of samples were acquired in the region of 4000-400 cm-1 at a 
resolution of 4 cm-1 with 32 scans, and the spectra were narrowed to 1800-1000 cm-1 and then 
analyzed by the corresponding spectrum software (OMINIC, Thermo Fisher Scientific, USA). 
Spectrum of KBr thin sheet was acquired as the background. The experiment was performed in 
triplicate and the analysis was repeated three times (n=9). After the baseline correction and 
atmospheric correction according to the automatic correction algorithms, the collected spectra 
were normalized to the amide I band at 1655 cm-1 to eliminate the difference in the deposit 
thickness [25,26]. Relative lipid and carbohydrate content was accessed by calculating 
lipid/amide I peak height ratios and carbohydrate/amide I peak height ratios [27]. 
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2.2.5 Multivariate statistical analysis 
Myriad changes in product biosynthesis would be caused by different culture modes (such 
as autotroph, heterotroph and mixotroph) and conditions (such as pH, temperature, light intensity, 
nutrient concentrations, and air conditions, etc.) [28]. To provide important biochemical 
information and find further biological evidence, FT-IR spectra combined with multivariate data 
analysis were performed by SIMCA-P version 13.0 (Umetrics, Sweden). Non-supervised 
principal components analysis (PCA) and supervised orthogonal partial least squares discriminant 
analysis (OPLS-DA) were employed to rapidly compare metabolic fingerprints and observe the 
discrete trend in metabolites from different culture conditions 
2.2.6 Statistical analysis 
All groups were cultured in triplicate and the results were expressed as mean ± standard 
deviation. Significance was analyzed by the statistical software SPSS version 16.0 (IBM, USA) 
and one-way analysis of variance (ANOVA) was employed to determine the statistical difference 
in the growth and metabolic parameters at different treatment groups. For pairwise comparisons, 
post hoc Tukey’s honest significant difference (HSD) test and Tamhane T2 test were used under 
equal variance and unequal variance conditions, respectively. The significant level was set at p < 
0.05. 
2.3 Results and discussion 
2.3.1 Growth profiles of E. gracilis with two sugar alcohol treatment 
Significant promotion effects on E. gracilis were observed with both mannitol and xylitol as 
shown in Fig. 2-1, but the specific changes in cell density and pH caused by various sugar alcohols 
were different. 
Mannitol showed a significant growth promotion effect for E. gracilis at different 
concentrations (P < 0.05), and it was in a dose-dependent manner. On day 6, the cell density of 4 
g·L-1 mannitol treatment group was 9.05 times higher than that of the control group. Although the 
promotion effect of 4 g·L-1 mannitol treatment group decreased somewhat at day 16, which was 
due to depletion of nutrients in the medium, it was still 4.17 times that of the control group, 
showing an extremely superior growth promotion. The specific growth rate as shown in Table 2-
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1 increased to double while cell doubling time reduced to half at 4 g·L-1 mannitol treatment group 
compared to control. However, there was no significant difference in the growth of 2 g·L-1 and 4 
g·L-1 mannitol treatment group (P > 0.05). Both of these two groups reached the end of 
exponential growth on the 9th day of culture, after which the cell density began to decline. Results 
of specific growth rate, doubling time and biomass yield were consistent. It indicated that 
although mannitol could promote the growth of E. gracilis, the amounts of other nutrients, such 
as nitrogen, phosphorus, and mineral salts, etc. were limited, therefore the difference of cell 
density between 2 g·L-1 and 4 g·L-1 mannitol treatment groups was not significant. 
 
Fig. 2-1. Growth curves of E. gracilis cells and pH changes of the media under different 
concentrations of mannitol and xylitol. Error bars represent the standard deviation (n=3). (a): 
growth curves under different concentrations of mannitol; (b): pH changes under different 
concentrations of mannitol; (c): growth curves under different concentrations of xylitol; (b): pH 
changes under different concentrations of xylitol. 
In addition, the pH of the medium (Fig. 2-1b) was found declined sharply at higher 
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concentrations of mannitol. In the 16-day-culture period, the pH of the 4 g·L-1 mannitol treatment 
group decreased from 6.9 to 3.4. Generally, optimal pH for E. gracilis is around 7, and remain 
stable (or slight decrease) during the growth process as shown in the control group. It was reported 
that pH of the cultures depended on the culture modes and nutrient concentration [7]. Here the 
metabolic process of the autotrophic cells was different from that of mixotrophic growth by 
mannitol. The decrease in pH was mainly attributed to the rapid consumption of ammonium salts 
and increase of carbon dioxide. Due to the decrease in pH, the cultivation with mannitol was 
considered more suitable for open culture systems since normal bacterial contamination would be 
suppressed under such an acidic pH [29]. 
Effect of xylitol differed from that of mannitol. On day 2, xylitol showed a concentration-
dependent stimulating effect (Fig. 2-1c), with the highest cell density at 4 g·L-1. The subsequent 
cell growth showed a lag for about 4 days, suggesting that the E. gracilis cells need an adaption 
process to xylitol exposure. Similar adaptation phenomenon was reported to occur when cells 
were exposed to environment changes such as culture medium, pH, temperature, light, etc. [30,31]. 
However, the addition of xylitol significantly extended the lag phase of cells, indicating that E. 
gracilis need to adjust their physiological state and metabolic mode to adapt to the xylitol 
environment. After the lag phase, xylitol also showed an excellent promotion effect on E. gracilis 
growth, but not significant at lower concentrations (P > 0.05). When xylitol concentration 
increased to 4 g·L-1, cell specific growth rate and dry biomass yield showed the maximum of 0.23 
d-1 and 0.70 g·L-1, respectively. The change of pH in xylitol treatment group was much smaller 
than that of mannitol. The pH remained almost stable under lower concentrations of xylitol 
treatment, which was similar to the control group, but then slightly decreased to 5.8 in the 4 g·L-
1 xylitol group. 
This is the first report that both mannitol and xylitol serve as carbon sources for promoting 
growth of E. gracilis, which indicated that the metabolic pathways for both mannitol and xylitol 
exist in E. gracilis. A metabolic pathway of mannitol to fructose which eventually involved 
glycolysis has been discovered in some species of red algae (Caloglossa leprieurii, and C. 
continua) [32,33] and brown algae (Eisenia bicyclis, and Ectocarpus siliculosus) [34,35]. 
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Mannitol cycle was known in fungi, and it is highly possible that other microorganisms (such as 
E. gracilis) also employ similar pathways [20]. On the other hand, many microalgae species were 
unable to assimilate xylose, and even photosynthesis was inhibited [16,18]. In this study, xylitol 
serving as the organic carbon source for mixotrophic growth of E. gracilis was observed for the 
first time. Although E. gracilis showed a long lag phase on xylitol, the final biomass yield was 
greatly improved (as shown in Table 2.1). The extension of the lag phase caused by xylitol might 
be due to the metabolic energy required for E. gracilis cells when xylitol was used as the single 
substrate to induce the xylitol pathway [16]. 
Table 2-1. Specific growth rate (d-1), doubling time (d) and biomass yield (g·L-1) of E. gracilis 
cultured under different concentrations of mannitol and xylitol. 

















0 0.10 ± 0.02b 10.18 ± 2.35a 0.22 ± 0.05c 0.10 ± 0.02b 10.18 ± 2.35a 0.22 ± 0.05b 
0.1 0.12 ± 0.00b 8.37 ± 0.23ab 0.37 ± 0.04c 0.11 ± 0.03b 9.54 ± 3.24a 0.20 ± 0.07b 
0.5 0.16 ± 0.02ab 6.42 ± 0.79bc 0.49 ± 0.16bc 0.12 ± 0.02b 8.24 ± 1.50ab 0.27 ± 0.06b 
2 0.19 ± 0.02a 5.17 ± 0.53c 0.82 ± 0.24ab 0.19 ± 0.07ab 5.83 ± 2.02ab 0.44 ± 0.20ab 
4 0.21 ± 0.05a 4.90 ± 1.05c 1.02 ± 0.02a 0.23 ± 0.05a 4.55 ± 0.89b 0.70 ± 0.17a 
Data (mean ± standard deviation) with the different letters (superscript) in each column showed 
significant difference from each other (p < 0.05), and data with the same letter in each column 
showed no significant difference from each other (p> 0.05). 
2.3.2 Analysis of photosynthetic pigments  
The total chlorophyll content and chlorophyll to carotenoids ratio in E. gracilis cells were 
summarized in Table 2-2. The total chlorophyll content increased with the mannitol, which 
supported the growth promotion effect of mannitol. In addition, the ratio of total chlorophyll to 
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carotenoids was negatively correlated with mannitol concentrations, and decreased from 5.36 in 
the control group to 3.94 in the 4 g·L-1 mannitol treatment group. Generally, decrease in 
chlorophyll/carotenoid ratio is the indicator of senescence, stress or damage to the photosynthetic 
apparatus [36]. On the one hand, as the chlorophyll structure was sensitive, it would be damaged 
under pH or osmotic stresses. When the pH was low, the magnesium ions in the porphyrin ring of 
the chlorophyll molecules would be replaced by hydrogen ions, and the chlorophyll content would 
decrease [37]. In addition, mannitol increased osmotic pressure in the medium, which might also 
decrease the chlorophyll content [38]. On the other hand, carotenoids, as an auxiliary pigment, 
were able to achieve energy dissipation and chlorophyll protection through non-photochemical 
quenching. The increase in carotenoids content was the stress response which could help to protect 
the photosynthesis under pH and osmotic stress [38,39]. Although high concentrations of mannitol 
treatment lowered the pH and created osmotic stress in the medium led to a decline in chlorophyll 
to carotenoids ratio, the total production of chlorophyll and biomass content were significantly 
increased. Thus, mannitol was still considered as an effective growth promotor for E. gracilis 
cells. For xylitol, the total chlorophyll yield has also been improved, but no significant difference 
was found in the ratio of chlorophyll to carotenoids, which might be due to the relatively stable 
pH and osmotic environment in the xylitol treatment group. 
Table 2-2. Total chlorophyll content (mg·L-1) and chlorophyll to carotenoids ratio of E. gracilis 
cultured under different concentrations of mannitol and xylitol. 











0 5.72 ± 1.71b 5.36 ±  0.93a 5.72 ± 1.71b 5.36  ± 0.93a 
0.1 7.45 ± 1.02b 4.99 ±  0.23ab 6.56 ± 1.53b 4.66 ±  0.62a 
0.5 12.17 ± 0.83b 4.50 ±  0.18abc 6.60 ± 0.88b 5.01 ±  0.81a 
2 22.66 ± 4.73a 3.52 ±  0.17c 9.28 ± 2.71b 4.99 ±  0.36a 
4 26.06 ± 5.01a 3.94 ±  0.25bc 19.03 ± 0.90a 5.46 ±  0.51a 
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Data (mean ± standard deviation) with the different letters (superscript) in each column showed 
significant difference from each other (p < 0.05), and data with the same letter in each column 
showed no significant difference from each other (p> 0.05). 
2.3.3 Quantification of cell morphology 
Cell morphology is an important biological indicator of E. gracilis, as it can exhibit different 
cell aspect ratios in response to physical or chemical perturbations, such as light, temperature, pH, 
and nutrient concentrations [24]. Physiological response of E. gracilis cells to mannitol and xylitol 
was different. The median cell aspect ratio at different concentrations of mannitol and xylitol was 
shown in Fig. 2-2. In case of mannitol, the cell aspect ratio increased significantly from 1.37 in 
the control group to 3.08 in the 2 g·L-1 treatment group. Cell morphology also changed from 
spindled to elongated shapes. However, under the exposure of xylitol, cell aspect ratio did not 
change so much even when xylitol concentration increased to 4 g·L-1. The changes in cell 
morphology might be mainly attributed to the pH decrease during culture with mannitol. E. 
gracilis is known as an acid-tolerant species, with a viable pH range of 2 to 8 [29,40]. In our 
previous study, the cell aspect ratio was found increased from 2.42 to 2.96 when the external pH 
was adjusted from 6.5 to 3.8 using dilute hydrochloric acid, which confirmed the above hypothesis. 
The external pH of the cultures under xylitol treatment was more stable than that under mannitol 
treatment, and thereby no special changes in cell morphology were observed with xylitol. 
 
Fig. 2-2. Median aspect ratio of E. gracilis cells cultured under different concentrations of 
mannitol and xylitol. 
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2.3.4 Detection of cellular components in E. gracilis by FT-IR 
The FT-IR spectra of the freeze-dried E. gracilis cells of the control group, 4 g·L-1 mannitol 
treatment group and 4 g·L-1 xylitol treatment group were analyzed, and major metabolites such as 
proteins, lipids and carbohydrates were well identified. FT-IR spectra in the regions of 1800–
1000 cm−1 (biomolecular fingerprint region) with high signal-to-noise were normalized, and 
bands of functional groups from macromolecules including proteins, lipids and carbohydrates 
were assigned according to Dean et al. [26], Driver et al [27] and Nzayisenga et al. [41]. The 
bands at 1655 and 1540 cm−1 were assigned to νCO stretching of amide I and δN-H stretching of 
amide II, respectively, which are both related to proteins. The bands at 1736 cm−1 and 1078 cm−1 
ranges were assigned to νCO stretching of lipids and νCOC stretching vibration of carbohydrates, 
respectively. The main difference between control and sugar alcohols treatment groups was 
determined in the range of lipids and carbohydrates. Compared with the control group, the spectra 
bands denoting lipids in both mannitol and xylitol treatment group became more visible at 
1736 cm−1, while the peak height of bands denoting carbohydrates at 1078 cm−1 decreased.  
In Fig. 2-3, relative lipid and carbohydrate content were calculated from the ratio of the lipid 
(1736 cm−1) and carbohydrate band (1078 cm−1) to the amide I band (1655 cm−1), respectively. To 
our surprise, a significant increase in relative lipid content was observed with both mannitol and 
xylitol. Compared with the control, the lipid content in algal cells under 4 g·L-1 mannitol and 
xylitol treatment increased by 1.82 times and 1.49 times, respectively. It might be due these two 
sugar alcohols provided additional energy and material for biosynthesis of Acetyl-CoA and 
NADPH, which were important for lipid accumulation in algal cells [42]. However, the trend of 
carbohydrate was reversed from that of lipid. Carbohydrate content with mannitol and xylitol 
treatment groups decreased by 32.30% and 22.67%, respectively compared to control group. The 
promotion effect of mannitol for lipid production was larger than that of xylitol, but the 
accumulation of carbohydrates was lower accordingly, which was related to the intracellular 
carbon balance [43]. Carbohydrates and lipid triglycerides are energy stores in microalgae and 
share a common precursor for synthesis, and therefore they can be converted into each other under 
different conditions. In general, lipids can be accumulated at nutritional deficiencies such as 
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nitrogen [44] or phosphorus deficiency [12,45], but at the cost of a reduction in the growth and 
available biomass. Although different from common approach, these two sugar alcohols were 
favorable to enhance the lipid yield of E. gracilis without diminishing biomass growth.  
 
Fig. 2-3. Relative lipid (a) and carbohydrate (b) content of E. gracilis cultured under mannitol 
and xylitol conditions as determined by FT-IR spectroscopy. Error bars represent the standard 
deviation (n=9). 
2.3.5 Differential identification of characteristic metabolites 
Many specific bands in the FT-IR spectra are associated with specific metabolites, especially 
macromolecules. However, evaluating the changes in metabolites based on band intensity or 
average absorbance could not reflect the complete available information [46]. Therefore, 
multivariate analysis was used to further compare metabolic fingerprints and observe the discrete 
trend in metabolites from different culture conditions. 
The effect of mannitol to E. gracilis metabolism was analyzed by non-supervised PCA as 
shown in Fig. 2-4(a). The data were resolved into four major components and the cumulative 
contribution rate R2X was 0.945. Among them, PC1 accounted for 49.7% of the total variation 
and PC2 accounted for 35.5%, by which the major of variability was explained. To achieve better 
visualization of the discriminated sample groups from PCA and further maximize the group 
separation, the supervised OPLS-DA model was established after orthogonality correction to 
evaluate the metabolic patterns of E. gracilis with or without mannitol treatment. As seen from 
 
- 30 - 
 
Fig. 2-4(b), the parallelism between the control group (solid black circles) and mannitol treatment 
group (green triangles) was very good and stable, and a sharp separation between these two groups 
was observed, which revealed that mannitol induced significant biochemical changes in E. 
gracilis cells. OPLS-DA gave a good model (1 predictive + 4 orthogonal) with the cumulative 
contribution rate R2X = 0.981, R2Y = 0.995 and Q2 = 0.983. The predictive variation explained 
45.9% of all variation in the data. To avoid the overfitting of the model, a permutation test with 
40 permutations (Fig. 2-4c) was carried out. Generally, the predictive ability of the model would 
be good when the slope of the two regression lines (R2 and Q2) was big and the intercept was 
small, which suggested that the model was interpreted by more data [47]. In addition, the 
difference between R2 and Q2 in this model was small, reflecting the difference between the data 
explained by the model and the predicted data was also small, demonstrating that the OPLS-DA 
model was reliable and predictive [48]. OPLS-DA loading plot as shown in Fig. 2-4(d) was 
adopted to find the potential biomarkers (potentially different metabolites) between control group 
and mannitol treatment group by looking at the most positive and negative loadings in the S-line 
plot. The positive and negative direction of the loading plot denote the variables that are more 
prominent in the groups located in the positive and negative direction of the scores plot, 
respectively [49]. As seen from the loading plot of Fig. 2-4(d), compared with the control group, 
E. gracilis cells from the mannitol treatment group contained more prominent spectral absorbance 
in spectral regions of fatty acids (C=O ester functional groups at 1739 cm−1, and CH3 and CH2 
bending at 1460 cm−1), amides (N-H bending and C-N stretching vibration from amide II at 
1537 cm−1), aromatic compounds (C-N stretching from aromatic amine at 1300 cm−1, and 
vibrations of aromatic ring at 1180 cm−1), while less prominent spectral absorbance in the regions 
of carbohydrates (C-O-C stretching at 1155 cm−1, C-O stretching and C-C stretching vibrations at 
1111, 1078, and 1045 cm−1, and CH2 bending at 1363 cm−1), ethers (C-O stretching at 1254 cm−1), 
carboxylates (COO- symmetric stretching at 1410 cm−1, and COO- antisymmetric stretching at 
1614 cm−1), as well as the alkene region (C=C stretching at 1672 cm−1). This was consistent with 
the results shown in Fig. 2-3, which lipids content increased while carbohydrates content 
decreased under mannitol treatment, but the changes in some other small molecules could also be 
 




Fig. 2-4. PCA and OPLS-DA scores plots and loading plot based on the FT-IR spectra (1800–
1000 cm-1) of E. gracilis with or without mannitol treatment (n=9). Solid black circles and green 
triangles represent control group and mannitol treatment group, respectively. (a): PCA scores 
plot (R2X = 0.945, Q2 (cum) = 0.891); (b): OPLS-DA scores plot (R2X = 0.981, R2Y=0.995, Q2 
(cum) = 0.983); (c): permutation test (40 permutations); (d): OPLS-DA loading plot. 
(R2X[1]=0.459) 
PCA analysis between control and xylitol treatment group was also carried out and the results 
were shown in Fig. 2-5 (a). The data were clearly resolved into 3 major components, and PC1 
explained 48.3% of all variation and PC2 explained 41.1%. The cumulative contribution rate R2X 
= 0.948, and Q2 = 0.903, indicating that the established PCA model was of good quality. In order 
to identify the metabolites responsible for the discrimination of control group and xylitol 
treatment group, OPLS-DA model was carried out to further maximize the group separation. The 
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model (1 predictive + 2 orthogonal) was good with R2X = 0.97, R2Y = 0.985 and Q2 = 0.977, and 
permutation test demonstrated its goodness of fit and high predictive capability. As shown in Fig. 
2-5(b), mannitol treatment samples clustered with positive scores and control samples clustered 
with negative scores. Information from other bands was combined to interpret the most positive 
and negative bands [46]. The loading plot revealed the similar result as mannitol treatment, i.e., 
xylitol treatment resulted in higher levels of lipids, amides and aromatic compounds than that of 
the control group, while decreased the content of carbohydrates, ethers, carboxylates and alkenes. 
In addition to that, slight differences at 1390 cm-1 (positive loadings) and 1200 cm-1 (negative) 
were observed, most probably assigned to S=O stretching from sulfates and C-O stretching from 
phenols or ethers, respectively. 
 
Fig. 2-5. PCA and OPLS-DA scores plots and loading plot based on the FT-IR spectra (1800–
1000 cm-1) of E. gracilis with or without xylitol treatment (n=9). Solid black circles and red 
squares represent control group and xylitol treatment group, respectively. (a): PCA scores plot 
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(R2X = 0.948, Q2 (cum) = 0.903); (b): OPLS-DA scores plot (R2X = 0.97, R2Y=0.985, Q2 
(cum) = 0.977); (c): permutation test (40 permutations); (d): OPLS-DA loading plot 
(R2X[1]=0.459). 
 
Fig. 2-6. PCA and OPLS-DA scores plots and loading plot based on the FT-IR spectra (1800–
1000 cm-1) of E. gracilis with mannitol and xylitol treatment (n=9). Green triangles and red 
squares represent mannitol treatment group and xylitol treatment group, respectively. (a): PCA 
scores plot (R2X = 0.935, Q2 (cum) = 0.864); (b): OPLS-DA scores plot (R2X = 0.862, 
R2Y=0.986, Q2 (cum) = 0.967); (c): permutation test (40 permutations); (d): OPLS-DA loading 
plot (R2X[1]=0.263). 
The characteristic metabolites between mannitol and xylitol treatment groups were further 
investigated and compared by multivariate analysis. The obtained unsupervised PCA (Fig. 2-6a) 
and supervised OPLS-DA (Fig. 2-6b) models were both of good quality. For OPLS-DA, the 
predictive variation plus two orthogonal explained 86.2% of all variation in the data, and the 
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permutation test (Fig. 2-6c) confirmed that the model was not overfitting. The corresponding 
loading plot showed this separation between mannitol and xylitol treatment samples was caused 
by bands indicative of carbohydrates (1157, 1107, 1072 and 1051 cm-1), sulfides (1433, 1394 and 
1342 cm-1) and amides (1687 and 1660 cm-1) on the positive side (more intense towards xylitol 
treatment group), and bands indicative of lipids (1728 cm-1) and aromatic ethers and esters (1292, 
1263 and 1182 cm-1) on the negative side (more intense towards mannitol treatment group). 
As a sensitive and high-throughput method, FT-IR combined with multivariate analysis 
could well reflect the potential differences in metabolites of microalgae cells under different 
culture conditions and reveal the prominent variables among the metabolites. Both mannitol and 
xylitol affected the metabolic profiles of E. gracilis especially increased the lipid accumulation 
in the cells. The differences in metabolites treated with mannitol or xylitol were mainly found in 
the regions of lipids, carbohydrates, sulfides, and aromatic compounds. To determine the specific 
changes in these metabolites composition and content, analytical techniques that are more precise 
are still required, but this experiment provides a preliminary understanding on the effect of 
different sugar alcohols to the metabolite pool of E. gracilis cells, which will help further improve 
the biomass yield and specific metabolites accumulation for industrial application. 
2.4 Conclusions 
Positive effects on the growth and metabolites biosynthesis of freshwater microalga E. 
gracilis by lignocellulose related sugar alcohols mannitol and xylitol were exhibited in this study. 
At the optimal dosage of 4 g·L-1, mannitol and xylitol increased the biomass yield of algal cells 
by up to 4.64 and 3.18 times. Increased cell aspect ratio was only observed with mannitol, 
indicating that the E. gracilis had different physiological responses to mannitol and xylitol. Lipid 
accumulation was promoted by both mannitol and xylitol, revealing that these sugar alcohols from 
renewable resources have the potential to improve biofuel production by E. gracilis. 
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Chapter 3. Application of Lignosulfonate as the Growth Promotor for 
Euglena gracilis to Increase Productivity of Biomass and Lipids 
Biomass derived supplements have been recognized as environment-friendly and cost-
effective sources of stimulants which can promote growth and valuable metabolites biosynthesis 
of microalgae. In this research, effect of lignosulfonates (LIGNs) on the growth, cell 
morphological changes, and valuable products accumulation of microalga Euglena gracilis was 
explored. At the optimal concentration of 5000 mg·L-1, LIGNs could promote the growth of E. 
gracilis up to 1.95 folds, and increase the yield of chlorophyll a, chlorophyll b and carotenoids by 
3.50, 1.59 and 3.48 times, respectively. Cell morphological changes in aspect ratio and size caused 
by LIGNs were also observed. Fourier transform infrared spectroscopy measurements followed 
by multivariate analysis revealed difference in metabolic patterns and prominent metabolites with 
LIGNs treatment. LIGNs improved the lipid yield since both cell density and lipid content 
increased, which could contribute to the biofuel production in the future. 
3.1 Introduction 
The surge in the world population, coupled with the depletion of fossil fuels and the adverse 
impact of global warming have seriously threatened the environment and production of food and 
energy on which humankind depends. Microalgae are considered as an adequate sustainable 
biomass feedstock to overcome these problems [1]. Euglena gracilis is one of the most promising 
freshwater microalga because it can produce a variety of bioactive compounds, such as paramylon, 
essential amino acids, polyunsaturated fatty acids and vitamins [2]. Thus it has attracted wide 
interest from various fields such as food, nutraceuticals, pharmaceuticals, food additives, and 
cosmetics. Apart from this, E. gracilis has also been identified as a promising species for biofuel 
production [3]. However, its productivity is severely restricted by high cost, and has become one 
of the biggest bottle-necks to meet the vast demand from the market. 
A lot of efforts to promote algae growth and biomass accumulation have been reported such 
as microalgae strain screening, bioreactor development, and nutrients supplementation [4,5]. 
However, still there is still a gap for the large-scale microalgae cultivation considering the 
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economic efficiency. Recently, supplementation of additives especially derived from abandoned 
biomass to microalgae culture has been proposed as cost-effective and efficient strategy to 
stimulate the algae growth and metabolites accumulation. According to previous reports, 5000 
mg·L-1 industrial by-product steelmaking slag promoted the growth of Botryococcus braunii 1.74 
times mainly resulted from iron ions elusion from the slag [6], while 500 mg·L-1 ferulic acid 
extracted from agro-waste rice bran was able to boost the E. gracilis growth up to 3.6 times, 
considered to act like phytohormone in this case [7]. These have attracted a lot of research interest 
to improve E. gracilis growth through efficient recycling of waste biomass from nature.  
Lignocellulose is one of the most abundant raw materials in nature, but its utilization rate is 
relatively low [8], and the current development mainly focused on the use of cellulose, while the 
utilization of lignin is very limited, as lignin is a cross-linked phenolic polymer which is resistant 
to degradation and acid- and base-catalyzed hydrolysis [9]. The development of lignocellulosic 
raw materials inevitably leads to a large amount of lignin being discarded. Especially in the paper 
industry, a large amount of lignin is removed from wood pulp in the form of lignosulfonates 
(LIGNs) and becomes the major by-product in sulfite pulping waste liquor [10]. Meanwhile, due 
to the improper discharge, it has also become the source of significant environmental concerns 
[11]. In order to solve this problem, making full use of LIGNs is helpful to alleviate the 
environmental stress and improve the economic benefits of pulping waste liquor. At present, 
LIGNs are limitedly used in the fields of dispersants, plasticizers in making concrete, humectants, 
emulsion stabilizers, and sequestrants, etc. [10]. But researchers have keenly discovered the 
phytohormone-like regulatory role of LIGNs in the cultivation of a variety of higher plants [12-
14]. For example, LIGNs could stimulate the growth of beet callus, improve multiplication rate 
and vigor of a shoot-proliferating poplar cluster, and increase the rooting percentage of holly, 
ginseng, and poplar shoots [14]. In addition, LIGNs were also found able to promote the growth 
of some microorganisms, such as fungal mycelium Pisolithus tinctorius [15] and Phlebiopsis 
gigantea oidia [16]. Although the positive effects on the vegetative growths, fructification, and 
the development of the root system were noticed [12,14], there was no report that LIGNs could 
affect the growth of microalgae. On the other hand, the roles of some common phytohormones in 
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microalgae cultivation and lipid accumulation have also been confirmed [17,18], but their prices 
are still high and cheap alternatives are necessary. If LIGNs were able to serve as stimulants for 
the growth of E. gracilis, it will achieve multiple benefits, not only to improve the economic 
benefits of E. gracilis cultivation, but also to reduce the environmental burden caused by pulping 
liquor. 
In this context, the research aimed to investigate the influence of LIGNs on the growth and 
metabolism of microalgae cells. To better analyze the changes of cell physiology and product 
biosynthesis of E. gracilis in response to LIGNs, parameters such as cell density, photosynthetic 
pigment content, cell aspect ratio and size, and changes in intracellular macromolecules were 
evaluated. 
3.2 Materials and methods 
3.2.1 Algae strain and culture conditions 
The axenic freshwater microalga Euglena gracilis Klebs (NIES-48) was purchased from 
National Institute for Environmental Studies, Japan. Cells were maintained in the modified 
Cramer-Myers (CM) medium for phototrophic cultivation in non-agitated flasks with low light 
intensity illumination and sub-cultured every 20 days. The composition of CM medium was 
shown in Table 3-1 [19]. Calcium lignosulfonate (Ca-LIGN; 0.71 USD·g-1, Sigma-Aldrich, USA) 
stock solution was prepared and sterilized by the vacuum filtration with the pore size of 0.45 μm 
(Nalgene, Thermo Fisher Scientific, USA). The stock was diluted with fresh CM medium, thus 
LIGNs solutions with different concentrations were obtained. Then 10 mL of E. gracilis cell 
suspensions at a late logarithmic growth phase were transferred to the 300 mL Erlenmeyer flasks, 
and 90 mL of LIGNs stock with different concentrations were added to be 100 mL for culture 
volume of each flask. The final LIGNs concentrations were adjusted to 10, 100, 500, 1000 and 
5000 mg·L-1, respectively. All the cultivation was performed at 20 °C. The illumination was 
provided by white fluorescent lamps and the light intensity was 5000 lx with a 12:12 h light-dark 
cycle. All cultures are performed in triplicate, and shaken manually at the speed of approximately 
180 rpm three times a day to prevent attachment to the bottle wall. 
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Table 3-1. Composition of the modified CM medium 
Nutrients Concentration (mg·L-1) Trace ingredients Concentration (mg·L-1) 
(NH4)2HPO4 1000 FeSO4·7H2O 3 
KH2PO4 1000 MnCl2·4H2O 1.8 
MgSO4·7H2O 200 CoSO4·7H2O 1.5 
CaCl2·2H2O 20 ZnSO4·7H2O 0.4 
  Na2MoO4·2H2O 0.2 
  CuSO4·5H2O 0.02 
  Vitamin B12 0.0005 
  Thiamine HCl 0.1 
 
3.2.2 Cell growth assessment 
Cell density, optical density and dry weight were determined to evaluate the growth of E. 
gracilis. Cell number was counted with the hemocytomter (Thoma, Hirschmann, Germany) and 
pH of the culture filtrates were determined by pH meter (LAQUA-2103AL, Horiba, Japan). 
Specific growth rate SGR (d-1) and cell doubling time CDT (d) were obtained following the Eqs. 
(1), (2). 
𝑆𝐺𝑅 = (𝑙𝑛𝑁2 − 𝑙𝑛𝑁1)/(𝑑2 − 𝑑1)) (1) 
𝐶𝐷𝑇 = 𝑙𝑛2 𝜇⁄ (2) 
Where d1 and d2 are the start and end time of logarithmic phase, and N1 and N2 are the cell 
density at d1 and d2, respectively. 
Optical density of cell suspensions was also measured. Aliquot 4 mL of cell cultures were 
centrifuged at 5000 rpm. The harvested cells were rinsed with deionized water three times and 
resuspended to 4 mL to eliminate the effect of LIGNs. The optical density of the cell suspensions 
was determined at 680nm by the UV-vis spectrophotometer (Genesys 10S, Thermo Fisher 
Scientific, USA). 
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The dry weight of cell biomass in each culture group was measured during the stationary 
growth phase. Aliquots of cell suspension were filtered through the pre-dried filter paper (GC-50, 
Advantec, Japan), and harvested cells were washed three times to remove the residual LIGNs. 
Afterwards, the cells deposited on the filter papers were transferred to glass bottles and dried at 
80°C for 10 h. Cell dry weight W (g·L-1) was calculated according to Eq. (3). 
𝑊 = (𝑀2 − 𝑀1) 𝑉⁄ (3) 
Where M1 and M2 denote the initial and final weight of the filter paper, respectively. V is 
the volume of cell suspension. 
3.2.3 Calibration of LIGNs concentration 
The concentration of LIGNs was measured by spectrophotometry as described by Grigg and 
Bai [20]. The UV-vis absorption spectra of the culture filtrates with LIGNs showed a distinct 
characteristic peak at 280 nm which was independent of medium composition but typical for 
phenolic-hydroxyls of the phenyl propane monomers in LIGNs [21]. To obtain the calibration 
line, LIGNs solutions with concentrations of 10, 50, 100, 200, and 500 mg·L-1 in CM medium 
were prepared, and their absorbance at 280 nm was recorded. The standard calibration curve (R2 
= 0.9994) of LIGNs was established by data fitting, and the exact concentration (mg·L-1) can be 
calculated in accordance with Eq. (4).  
𝐶(𝐿𝐼𝐺𝑁𝑠) = 147.64𝐴𝑏𝑠280 − 4.8383 (4) 
Where Abs280 is the absorbance of the solution at 280 nm. NOTE: The LIGNs has to be 
diluted to no more than 500 mg·L-1 to obtain a linear relationship between concentration and 
absorbance at 280 nm.  
3.2.4 Observation of cell morphology 
Cell aspect ratio and size of E. gracilis were important parameters to evaluate its 
physiological state, as it will exhibit different cell morphologies (spindled, elongated, and 
spherical shapes) in response to changes in the external environment [2,22]. Images of more than 
150 cells for each sample were recorded by Image Plus 2.2S (Motic, Japan). Cell aspect ratio and 
cell projection area (approximated as cell size) were measured by particle analysis using the open 
source software ImageJ [23].  
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3.2.5 Photosynthetic pigment analysis 
Photosynthetic pigment content was analyzed using the method given by Lichtenthaler and 
Wellburn [24]. Aliquot 5 mL of the cell cultures was filtrated, and the harvested cells were ground 
until they were completely crushed. Afterwards, the pigments were repeatedly extracted with 80% 
acetone. The ground homogenate was further filtered to remove impurities, and the volume of the 
filtrate was made to 10 mL with a volumetric flask. Photosynthetic pigments content were 
measured by spectrophotometry in accordance with Eqs. (5)-(7). In order to better compare the 
photosynthesis and physiological state of algal cells in different treatment groups, chlorophyll a/b 
ratio, and chlorophyll a/carotenoids ratio were also calculated. 
𝐶ℎ𝑙𝑎 = 12.21𝐴𝑏𝑠663 − 2.81𝐴𝑏𝑠646 (5) 
𝐶ℎ𝑙𝑏 = 20.13𝐴𝑏𝑠646 − 5.03𝐴𝑏𝑠663 (6) 
𝐶𝑥+𝑐 = (1000𝐴𝑏𝑠470 − 3.27𝐶ℎ𝑙𝑎 − 104𝐶ℎ𝑙𝑏)/229 (7) 
Chla, Chlb, and Cx+c denote the chlorophyll a, chlorophyll b, and carotenoids content, and 
Abs470, Abs646, and Abs663 denote the absorbance at the wavelength of 470, 646, and 663 nm, 
respectively.  
3.2.6 Analysis of cell composition by FT-IR spectroscopy 
To better investigate the effects of LIGNs to the metabolism of E. gracilis cells, FT-IR 
analysis was employed to analyze the biochemical composition of algal cells in different treatment 
groups according to the following modified method [25]. Algae cells were collected by 
centrifugation at 6000 rpm for 10 min, and rinsed with Milli-Q (Millipore) water to eliminate the 
influence of LIGNs and medium composition on the spectrum. The rinsed cells were snap-frozen 
and dried at -50 °C under a vacuum overnight. Afterwards, the cell samples were ground together 
with KBr in a ratio of 0.2-1% (w/w) until the cell composition was evenly dispersed. Then they 
were pressed into thin sheets and FT-IR spectrometer (Nicolet iZ10, Thermo Fisher Scientific, 
USA) was employed to analyze the samples. The absorbance spectrum was acquired from 32 
scans at 1800-1000 cm-1, which contained the majority of the spectral information, and recorded 
by OMINIC software (Thermo Fisher Scientific, US). KBr spectrum was collected as the 
background, and each sample was analyzed in 9 replicates. All the acquired spectra of samples 
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were baseline and atmospheric corrected in accordance with the automatic correction algorithms. 
To interpret the differences in samples thickness, spectra were normalized to amide I band at 
1655 cm-1. Relative contents of lipids and carbohydrates were calculated from the peak height 
ratios of lipid/amide I and carbohydrate/amide I, respectively [26]. 
3.2.7 Multivariate data analysis 
The difference in the external culture environment will cause myriad changes in the 
biosynthesis of metabolites within the cells. For rapid comparison of the metabolic fingerprints 
of cells cultured with and without LIGNs and observe discrete trends in their metabolites, 
multivariate analysis was employed to further analyze the FT-IR spectra. Normalized FTIR 
spectra in the regions of 1800-1000 cm-1 were analyzed by SIMCA-P software (version 13.0, 
Umetrics, Sweden). Principal components analysis (PCA) was employed as a non-supervised 
model to quickly compare the metabolic patterns of cells before and after LIGNs treatment, and 
the difference between these two groups were visualized and clustered in the score plot. Moreover, 
the supervised orthogonal partial least squares discriminant analysis (OPLS-DA) with Pareto 
scaling were also performed, to sharpen the separation between the observation groups, and 
indicate which peaks/bands from the characteristic metabolites are the sources of greatest variance 
within the data,  
3.2.8 Statistical analysis 
The growth and pigment analyses were performed in triplicate and the data were shown as 
mean ± standard deviation. For FT-IR analysis, each sample was analyzed in 9 replicates. The 
statistical difference in the growth and metabolites of different samples was analyzed by one-way 
analysis of variance (ANOVA), and post-hoc Fisher's Least Significant Difference (LSD) test was 
performed for pairwise comparisons using the SPSS software (version 16.0, IBM, USA), and the 
confidence interval was 95%. 
 
3.3 Results and discussion 
3.3.1 Effect of LIGNs on the growth profiles of E. gracilis 
Growth promotion effect of LIGNs on E. gracilis was observed in this research. As shown 
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in Fig. 3-1 (a), the cell density was significantly promoted in the LIGNs treatment group with a 
concentration-dependent manner. Cell density of each group reached it maximum value on the 
23rd day, indicating that the cell growth became stable at the end of the logarithmic phase. Cell 
density under 5000 mg·L-1 LIGNs showed a good growth promotion effect of 1.95-fold higher 
than that of the control group.  
 
Fig. 3-1. Growth profiles of E. gracilis under different concentrations of LIGNs. (a): 
growth curves of E. gracilis under LIGNs treatment; (b): pH of the culture filtrates under 
LIGNs treatment. 
 
Other growth profiles including specific growth rate (SGR), cell doubling time (CDT), and 
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biomass yield (BY) under different concentrations of LIGNs were summarized in Table 3-2, 
which were consistent with cell density results. The addition of 5000 mg·L-1 LIGNs significantly 
increased the SGR and shortened the CDT of E. gracilis. The BY also increased from 0.45 mg·L-
1 of the control group to 0.77 mg·L-1 at 5000 mg·L-1 LIGNs (p < 0.05). LIGNs exhibited a dose-
dependent promotion effect on the growth of E. gracilis. However, the difference in the growth 
of higher concentrations (500, 1000 and 5000 mg·L-1) of LIGNs treatment groups was not 
statistically significant (p > 0.05), which might be mainly attributed to the shading effect of LIGNs 
[27]. LIGNs became brownish yellow in the solution, and darker with the increase of 
concentrations. High concentrations of LIGNs in the media would hinder the light utilization, and 
part of the promotion effect of the LIGNs could be slightly diminished by the shading effect. 
Nonetheless, the treatment with 5000 mg·L-1 LIGNs still achieved the highest biomass yield of E. 
gracilis. 
Table 3-2. Growth parameters (SGR, CDT and BY) of algae cells cultured under different 
concentrations of LIGNs. 
Dosages (mg·L-1) SGR (d-1) CDT (d) BY (g·L-1) 
0 0.113 ± 0.007b 6.17 ± 0.36a 0.45 ± 0.02b 
10 0.119 ± 0.012ab 5.88 ± 0.58ab 0.47 ± 0.10b 
100 0.127 ± 0.016ab 5.53 ± 0.76ab 0.59 ± 0.05ab 
500 0.129 ± 0.010a 5.39 ± 0.45b 0.59 ± 0.11ab 
1000 0.130 ± 0.011a 5.37 ± 0.47b 0.64 ± 0.21ab 
5000 0.133 ± 0.009a 5.23 ± 0.40b 0.77 ± 0.13a 
Data were expressed as mean ± standard deviation, and the same superscript in each column do 
not differ significantly (p > 0.05). 
 
Fig. 3-1(b) reflected pH variation of the cultures throughout the growth. The lower 
concentrations of LIGNs had little effect on the initial pH of the cultures. When LIGNs 
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concentration increased to 5000 mg·L-1, the initial pH of the cultures increased from 6.9 of the 
control group to 7.1, and rose to 7.5 on day 6 of the culture. This might be due to LIGNs chelating 
some metal ions (such as calcium, magnesium, iron, zinc, etc.) at the beginning, which thanks to 
the reticular structure of the LIGNs, resulting in the release of hydroxide anions in the solution 
and increase of pH [28]. However, the pH decreased as the culture progressed. This was due to 
the rapid proliferation of algae cells in 5000 mg·L-1 LIGNs treatment group causing the reduction 
of ammonium and increase in carbon dioxide [29]. 
This is the first report that LIGNs can be used as a growth regulator for freshwater microalgae. 
However, the significant decrease in the concentration of LIGNs during the growth of E. gracilis 
was not observed, which suggested that LIGNS were not consumed as the carbon source by E. 
gracilis in large quantities. It is reasonable because LIGNs are complex phenolic polymers which 
are less susceptible to degradation due to a lot of aryl-aryl bonds and the high redox potential [9]. 
In addition, it was found that the promotion effect of LIGNs had nothing to do with mineral 
nutrition, because additional supplemental calcium did not promote its growth in the case of 
sufficient calcium ions in the media. 
Nevertheless, growth of E. gracilis was still notably promoted by LIGNs, which was 
consistent with the previous results observed in higher plant cells [12,14] and some 
microorganisms [15,16]. Growth stimulation mechanism of LIGNs for E. gracilis was mainly 
related to the regulation of endogenous phytohormone concentration [12,13,30]. LIGNs were able 
to cause the temporary inductive increase in the endogenous indole-3-acetic acid (IAA) in the 
poplar shoots [31,32]. Moreover, LIGNs could function as auxin protectors to favor growth 
promotion due to the phenolic nature [14]. Because these phenol structures are also substrates for 
auxin oxidase, and they can prevent the degradation of auxin through a competitive mechanism. 
On the other hand, Savy et al. [30] found water soluble lignin could improve the development of 
plants and seeds by influencing gibberellin-mediated physiological mechanisms. Growth 
promotion of E. gracilis could be related to phytohormone-like effect as previously reported with 
higher plants because of similarity with microalgae in cellular response.  
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3.3.2 Effect of LIGNs on the cell morphology 
The perturbations of external environment will influence cell morphologies of E. gracilis, 
since the cells lack rigid cellulose walls and the pellicle is flexible [7]. Especially when the 
accumulation of intracellular macromolecules such as carbohydrates or lipids increases, the cells 
will turn to a bigger size. In this study, the quantitative comparison of cell morphology was carried 
out through cell aspect ratio and cell size (projection area), and the results were shown in Fig. 3-
2. The horizontal lines represented the median values, and 50% of the algal cells in different 
shapes were comprised within the box. The cell aspect ratio increased and more spindled and 
elongated cells were observed in the lower concentrations (100, 500 and 1000 mg·L-1) of LIGNs 
treatment groups. However, cell aspect ratio returned to the level of control group at a higher 
concentration (5000 mg·L-1) of LIGNs. This was because the color of the media became darker 
as the LIGNs concentration increased, while illumination is an important factor influencing cell 
morphology [2,22]. In addition, LIGNs also increased the cell size of E. gracilis in a dose-
dependent manner, and it might be related to the phytohormone-like effect of LIGNs. Noble et al. 
[33] found various plant hormones such as IAA and GA could stimulate the cell elongation and 
enlargement of E. gracilis, which was consistent with the findings in cell morphology (Fig. 3-2). 
The same phenomenon was observed in Scenedesmus sp. and Chlorella sorokiniana [34]. The 
treatment of the two auxins, naphthylacetic acid (NAA) and indole-3-butyric acid (IBA), 
significantly increased average diameter of C. sorokiniana cells and the aspect ratio of 
Scenedesmus sp., which was accompanied by an increase in lipid content in the cells of these two 
species. Wijffels and Barbosa has reported that the ideal microalgae for biofuel production will 
have the large-sized cells [35]. Therefore, further analysis of cellular components in E. gracilis 
was necessary for better understanding the changes in cell morphologies. 
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Fig. 3-2. Boxplot of cell aspect ratios and sizes (projection areas) of E. gracilis under 
LIGNs treatment. The lower and upper boundary of the boxes represent the 1st (25%) and 3rd 
quartile (75%) for the data distribution. The horizontal line represents the median value (50%), 
whereas the whiskers indicate the minimum and maximum values. Cell volume for observation 
in each group (cells): N0=150, N10=152, N100=162, N500=156, N1000=168, N5000=163. (a): cell 
aspect ratio; (b): cell projection area (μm2). 
 
3.3.3 Effect of LIGNs on the photosynthetic pigment of E. gracilis 
Photosynthetic pigment yield and content in microalgae cells under different treatment 
groups were summarized in Fig.3-3. The chlorophyll a, chlorophyll b and carotenoids yield 
increased with the concentration of LIGNs, corresponding to the changes in dry weight of cellular 
biomass. At the optimal concentration of 5000 mg·L-1 LIGNs, chlorophyll a, chlorophyll b and 
carotenoids yield were increased by 3.50, 1.59 and 3.48 folds, respectively. However, the changes 
of photosynthetic pigment content in response to LIGNs treatment were different. The content of 
chlorophyll a (Fig. 3-3a) and carotenoids (Fig. 3-3c) in dry biomass was increased significantly, 
while the change of chlorophyll b content (Fig. 3-3d) was not notable.  
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Fig. 3-3. Pigments yield and content of E. gracilis under different concentrations of 
LIGNs. (a): chlorophyll a yield (mg·L-1); (b): chlorophyll a content (%dry basis); (c): 
chlorophyll b yield (mg·L-1); (d): chlorophyll b content (%dry basis); (e): carotenoids yield 
(mg·L-1); (f): carotenoids content (%dry basis). 
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Similar phenomena were also observed in higher plants. The treatment of LIGNs-humate 
increased the chlorophyll content in Zea mays L. and played a positive role in the photosynthetic 
process, which was closely related to the increase of phenolic compounds in the tissues such as 
protocatechuic acid, caffeic acid, and ferulic acid [13]. As previously mentioned, the action of 
LIGNs on the growth and physiology of plant cells was that of a specific hormone type, and 
consistent results have been found in the treatment of microalgae with various phytohormone 
related substances [17,36,37]. It was reported that auxin precursors and analogs could increase 
chlorophyll and carotenoids content in Chlorella pyrenoidosa by an average of 213–273% and 
164–258% [38], which was consistent with this research, and further corroborated that LIGNs 
displayed a phytohormone-like activity for E. gracilis cells. 
 
Fig. 3-4. The chlorophyll a/b ratio, and the chlorophyll a/carotenoids ratio in E. gracilis 
under different concentrations of LIGNs. (a): chlorophyll a to chlorophyll ratio; (b): chlorophyll 
a to carotenoids. 
 
The effects of LIGNs on the chlorophyll a/b ratio, and chlorophyll a/carotenoids ratio were 
also analyzed (Fig. 3-4). The chlorophyll a/b ratio was positively correlated with LIGNs 
concentrations, indicating that LIGNs could improve the light-capturing ability of E. gracilis [39]. 
Generally, the ratio of chlorophyll a to carotenoids is a good indicator of the physiological state 
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of algal cells, and value around 3-4 was favorable to the growth [40]. A decrease in the chlorophyll 
a/carotenoids ratio usually indicates a poor physiological state of the cells such as cell senescence 
and stress [41]. Here the LIGNs treatment did not decrease the ratio of chlorophyll a to carotenoids 
and the values were within a reasonable range, indicating that E. gracilis in all culture groups 
were in a good physiological state. 
3.3.4 Estimation of cell biochemical composition by FT-IR 
FT-IR spectroscopy was employed to analyze the biochemical composition of E. gracilis 
cells with or without LIGNs treatment (5000 mg·L-1), and the spectra at the range of 1800-1000 
cm-1 were obtained. Bands from the spectra were assigned to specific molecules according to the 
previously described literature [42], and macromolecular components (proteins, lipids, 
carbohydrates, and phosphorylated molecules) were well identified. The two bands at 1655 and 
1540 cm-1 were attributed to υ(C=O) stretching of amide I, and δ(N-H) bending of amide II from 
proteins; the band at 1260 cm-1 was attributed to υas(P=O) stretching from phosphodiester 
backbone of phosphorylated molecules (DNA and RNA); the two bands of 1738 cm-1 and 1080 
cm-1 were of particular interest, and assigned to υ(C=O) stretching of fatty acids and υ(C-O-C) 
stretching vibration of carbohydrates, respectively.  
 
 
Fig. 3-5. The relative contents of lipid and carbohydrate in E. gracilis under control and 
5000 mg·L-1 LIGNs treatment as determined by FT-IR spectroscopy (nine replicates). (a): 
relative lipid content; (b): relative carbohydrate content. 
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Compared with the control group, the LIGNs treated spectrum showed higher absorbance 
for the bands related to lipids, while the absorbance for the bands associated with carbohydrates 
decreased. To better reflect the changes in the content of cellular components, the relative content 
of lipids and carbohydrates were calculated. As illustrated in Fig. 3-5, 5000 mg·L-1 LIGNs 
treatment slightly increased the relative lipid content by 6.3%. Lipid yield would also be greatly 
improved (2.07-fold) since LIGNs did not sacrifice the lipids content and increased the cell 
density. This was consistent with the previous report that LIGNs induced the increase in the lipid 
concentration and yield of oleaginous yeast Rhodosporidium toruloides by 44.9% and 15.7%, 
respectively [43]. Similar results were also observed in phytohormone-treated microalgae cells 
(Table 3-3). Most of these phytohormones, such as IAA, IBA GA, NAA, kinetin, zeatin, 1-
triacontanol, and abscisic acid (ABA), could significantly promoted the accumulation of 
intracellular lipids while increasing the biomass production [35,44,45,46]. On the contrary, the 
relative content of carbohydrates presented exactly opposed trends, and decreased under the 
treatment of LIGNs, implying a competing interaction with lipids. Carbohydrates are one of the 
major energy stores in microalgae cells and common synthetic precursor (triacylglycerols) were 
shared with lipids. Thus, they can be converted into each other in response to metabolic changes. 
It is reported that these phytohormone-like activities of LIGNs on cell metabolism are due to the 
biological actions of phenolic compounds. Allelopathic properties of some monomers from 
LIGNs (such as vanillic acid, protocatechuic acid, and ferulic acid, etc.) have been discovered. 
The interaction between these phenolics and some plant hormones determines different 
biosynthetic pathways and flow of carbon to metabolites [13]. As described by previous reports 
[35,45,47], with the increasing auxins concentrations, the carbohydrate content in the algal cells 
gradually decreased while lipid content increased. It was consistent with the metabolic changes 
caused by LIGNs (Fig. 3-5). Generally, environment cues that induce lipogenesis are, for the most 
part, identical to the ones inducing carotenoids accumulation [48]. Consistently, the treatment of 
LIGNs to E. gracilis increased both carotenoids and lipids content. Unlike conventional methods 
(nitrogen and phosphorus deficiency), it would not diminish the growth and available biomass, 
which was favorable to enhance the lipid and carotenoids yiled in E. gracilis biomass production. 
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N.D. Not detected. 
 
3.3.5 Discrimination of characteristic metabolites by multivariate analysis 
Multivariate analysis was operated to further analyze the FT-IR spectra and discriminate the 
characteristic metabolites from different culture conditions, and these metabolic profiles were 
shown in Fig. 3-6. Firstly, the effect of LIGNs to the metabolic fingerprint of E. gracilis was 
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analyzed by PCA analysis which was a non-supervised model. Five major components were 
resolved, and the cumulative contribution rate R2X was 94.7% (PC-1 accounting for 59.6% and 
PC-2 accounting for 16%). However, there was no complete separation between control and 
LIGNs treated samples in the PCA analysis. Thus, the supervised OPLS-DA was employed after 
the orthogonal-correction, which could maximize the discrimination between samples from 
different groups. As shown in Fig. 3-6(b), it was clear that the parallelism between these two 
groups in OPLS-DA model was good and the separation was sharp, revealing that the metabolic 
patterns of algae cells with LIGNs treatment has been differentiated. The OPLS-DA model gave 
one predictive component and three orthogonal with R2X = 0.932, and the predictive component 
explained 34.9% of the total variation in the datasets of E. gracilis. To guard against model 
overfitting and assess its validity, cross-validation with 200 permutations (Fig. 3-6c) was carried 
out and showed a much more reliable Q2 than R2. Moreover, Q2 value of the original data was 
larger than those obtained from the randomly permuted data, and y-intercepts of Q2 were negative, 
suggesting the model was reliable and predicative [49].  
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Fig. 3-6. Multivariate analysis of FT-IR spectra collected from different treatment groups of E. 
gracilis (nine replicates). (a): PCA score plot (R2X = 0.947, Q2 = 0.848); (b): OPLS-DA score 
plot (R2X = 0.932, R2Y = 0.968 Q2 = 0.94); (c): permutation test of 200 iterations; (d): OPLS-
DA loading plot. (R2X[1] = 0.349) 
 
Potential biomarkers in the control and LIGNs treated samples were analyzed. As shown in 
Fig. 3-6(d). The positive loadings represent the variables (bands) more prominent in the positive 
direction of the OPLS-DA score plot (here refer to LIGNs samples), and vice versa for the 
negative loadings [50]. In comparison with control samples, algae cells with LIGNs treatment had 
more prominent spectral absorbance (positive side) in the regions of lipids (C=O stretching of 
esters at 1738 cm-1) and proteins (C=O stretching of amide I at 1655 cm-1, and N–H bending of 
amide II at 1540 cm-1), while less prominent absorbance (negative side) in the regions of 
carbohydrates (C-H bending at 1367 cm-1, C-O-C stretching at 1157 cm-1, C-O and C-C stretching 
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vibrations at 1140, 1107, 1086, and 1049 cm-1), carboxylates (C=O stretching of carbonyl group 
at 1684 cm-1, COO- symmetric stretching at 1583, 1412, and 1356 cm-1), aromatic ethers (C-O 
stretching at 1270 cm-1), and alkane regions (C-H bending of methyl group and methylene group 
at 1477 cm-1). The loading plot revealed the effect of LIGNs on the metabolic patterns of 
microalgae cells, and identified the prominent variables among these metabolites. The results that 
lipid content increased whereas carbohydrate content declined with LIGNs treatment, were 
consistent with the previous quantitative comparison. This technology provided a preliminary 
understanding of the effects of LIGNS to the metabolic patterns of E. gracilis, which could 
contribute to further improving specific metabolites biosynthesis in E. gracilis for large-scale 
industrial application. 
3.4 Conclusions 
Phytohormone-like positive effects of LIGNs on the growth and metabolites accumulation 
of E. gracilis were discovered for the first time. LIGNs at the optimal concentration of 5000 mg·L-
1 promoted the cell growth 1.95-fold. Increase in cell aspect ratio (except 5000 mg·L-1 due to the 
dark brown color) and cell size were also observed with LIGNs treatment. Metabolic patterns of 
E. gracilis were changed by LIGNs and the yield of valuable metabolites such as chlorophyll, 
carotenoids and lipids were improved. LIGNs as a by-product of pulping process has the potential 
to greatly improve the biomass yield of E. gracilis. 
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Chapter 4. Effect of phenolic acids from the basic structures of lignin on 
the growth and metabolism of Euglena gracilis. 
Abstract: A novel and cost-effective approach to improving lipid productivity without sacrificing 
microalgae growth was established. Syringic acid (SA) and p-coumaric acid (p-CA) are two major 
lignin hydrolysates, widely distributed in the wastewater from downstream industries of lignin. 
In this study, their potential in regulating the growth and the metabolites biosynthesis of 
freshwater microalgae Euglena gracilis was investigated. The results revealed that the cell growth 
was increased by 1.63 and 1.93 times at the optimal dosage of 0.5 g·L-1 SA and 0.3 g·L-1 p-CA, 
respectively. Cell morphology also varied under the two phenolic acids, reflecting the changes in 
cellular physiological status. Moreover, increased chlorophyll a content was only observed under 
p-CA treatment, indicating the influence of these compounds on photosynthesis were different. 
Fourier-transform infrared spectroscopy analysis followed by multivariate analysis revealed that 
the lipid biosynthesis was improved under both phenolic acids, which were favorable to the 
biofuel production. 
Keywords: Euglena gracilis; syringic acid; p-coumaric acid; lipid; multivariate analysis 
4.1 Introduction 
Microalgae are photosynthetic microorganisms growing in various aquatic habitats, such as 
freshwater, marine and sediments, and their photosynthetic efficiency is much higher than that of 
terrestrial plants [1]. By virtue of occupying no arable lands, fast growth cycle, high output per 
unit of area, and good adaptability to extreme environments, microalgae have been identified as 
adequate feedstock for the mitigation of resource and energy crisis and sustainable economic 
growth [2]. Euglena gracilis is one of the most commercially successful freshwater microalgae, 
as it is a rich source of valuable products such as amino acids, paramylon, carotenoids, ascorbic 
acid, α-tocopherol and polyunsaturated fatty acids. Thus its potentials in food, feed, nutraceuticals, 
pharmaceuticals, and cosmetics industries have been highly exploited [3]. Meanwhile, 
considerable interests in E. gracilis as a novel and renewable feedstock for biofuel and biodiesel 
production have been aroused due to its high lipid biosynthesis efficiency and positive 
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environment impact [4]. However, there are still many bottlenecks of the commercialization that 
require to overcome in the large-scale promotion of E. gracilis based biofuels. At present, high 
energy consumption and high production costs are still the main constraints on the development 
of microalgae biofuels [5]. Thus, developing new technologies and selecting proper culturing 
conditions to increase the biomass and lipid yield has become an urgent topic. 
In general, nutrient starvation and stress is considered as a valid strategy to increase the lipid 
productivity of microalgae cells, since the carbon flux will shift to the biosynthesis of neutral 
lipids (mainly triacylglycerols) under adverse culture conditions [6]. However, the ensuing loss 
of growth due to nutrient deficiency will hinder the feasibility of this strategy for biofuel 
production, because the decrease in cell growth will reduce the total productivity of lipids [7]. On 
the other hand, the supplementation of exogenous carbon sources in microalgae cultivation will 
also favor the lipid biosynthesis since it can increase the carbon supply thus elevate the availability 
of pyruvates. Although this method realizes the simultaneous production of microalgae biomass 
and lipids, the supply of a large amount of organic carbon sources will inevitably cause a marked 
increase in cost, and is not conducive to large-scale outdoor cultivation since it is prone to cause 
the eutrophication and bacterial contamination in water bodies [8]. Another efficient approach to 
increasing lipid productivity of microalgae without the sacrifice of cell growth is to introduce 
phytohormones during the growth process. Phytohormones are chemical messengers which 
coordinate plant cell growth and development, including embryogenesis, regulation of organ size, 
pathogen defense, stress tolerance and reproductive development, and their regulatory effects on 
growth and metabolism have also been observed within microalgae [9]. For example, Park et al. 
discovered indole-3-acetic acid (IAA), gibberellic acid, kinetin, 1-triacontanol, and abscisic acid 
were able to remarkably promote the growth and biofuel production of Chlamydomonas 
reinhardtii [10]. However, the high cost of commercial phytohormones is still a limiting factor 
for large-scale promotion.  
The production of microalgae biomass and biofuels by recycling active ingredients from 
abandoned biomass has been proposed as a novel, eco-friendly and cost-effective method. 
According to previous report [11], the application of wastewater from the monosodium glutamate 
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factory to cultivate Spirulina subsalsa significantly promoted the accumulation of algal biomass 
and increased the lipid production, thereby saving costs in the wastewater treatment and creating 
economic benefits from the production of algal biomass. In addition, lignosulfonate, the major 
by-product of pulping waste liquor, has also been found able to enhance the biomass yield and 
lipid accumulation of E. gracilis, possibly through its phenolic monomers [12]. These phenolic 
substances are widely distributed in the waste stream of downstream industries such as petroleum 
refining, petrochemical, coking, pulp, pharmaceutical, tanning, etc., and have become one of the 
main environmental burdens, posing a great threat to human health and aquatic ecosystem [13]. 
But on the other hand, it has also been reported that some phenolic substances such as ferulic acid, 
vanillic acid and protocatechuic acid have allelopathic effects, and can work as defensive 
compounds in certain plants to resist a variety of abiotic stresses [14]. If the phenolic substances 
in these waste streams can be applied to the cultivation of microalgae and the production of 
biofuels, it can meet the dual demands of microalgae biomass production and positive impact on 
the environment. In previous reports, Pinto et al. discovered that two phenol-resistant microalgae, 
Ankistrodesmus braunii and Scenedesmus quadricauda, could be employed to treat the 
wastewater of olive oil plant and 50% of low-molecular-weight phenolics were removed [15]. 
Similarly, Haematococcus pluvialis has also been reported to be able to convert these exogenous 
phenylpropanoids into a series of vanilla-flavored products, which further demonstrates that some 
microalgae can utilize and degrade these phenolic compounds [16]. However, up till now, there 
have been few studies on the effect of phenolic substances on the biochemical synthesis of 
microalgae, especially on lipid synthesis. Therefore, it is necessary to evaluate the influence of 
these phenolic compounds on the growth and biochemical composition of E. gracilis, which will 
not only help to better deal with the treatment of phenolic wastewater but also lead to the 
commercially successful microalgae cultivation for biofuel production. Syringic acid (SA) and p-
coumaric acid (p-CA) are the two major phenolic substances in wastewater from downstream 
industries of lignin, which have a variety of physiological activities, such as antioxidant, 
antibacterial, anti-tumor and anti-diabetic [14,17]. However, there is little research on the effects 
of SA and p-CA on the growth and biochemical synthesis of E. gracilis. Therefore, this study 
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aimed to evaluate the effects of SA and p-CA, as the predominant phenolic derivatives in waste 
streams, on the physiological and biochemical parameters of E. gracilis. 
In this research, the changes in cell density, dry biomass weight, cell morphology, and carbon 
allocation of macromolecular pools of E. gracilis under two phenolic acid treatments were 
investigated, and the potential and feasibility of SA and p-CA in microalgae and lipid production 
were evaluated. In addition, the changes in the metabolic patterns of microalgae were investigated 
by Fourier transform infrared spectroscopy and multivariate analysis, providing a basis for 
understanding the accumulation of high-value added bioproducts. 
4.2 Materials and methods 
4.2.1 Microalga and culture conditions 
The strain of Euglena gracilis Klebs (NIES-48) was provided by the National Institute for 
Environmental Studies of Japan. The algal cells were aseptically sub-cultured in CM medium 
with a cycle of one month for further use [18]. The stock solutions of SA and p-CA were prepared 
using fresh CM medium based on their solubility, and the sterilization was operated by the sterile 
single-use vacuum filter with a 0.45 μm pore size (Nalgene, Thermo Fisher Scientific, US). For 
cell inoculation, the algal cells at the exponential growth phase with the volume of 10 mL were 
transferred into the Erlenmeyer flask with fresh medium, and different proportions of phenolic 
acid stock solutions were diluted and mixed, making up the final culture volume to 100 mL. 
Concentrations of SA and p-CA treatment groups were set at 0, 0.05, 0.1, 0.3 and 0.5 g·L-1. 
Microalgae experimental groups were cultured at 25 ºC, and illuminated at the light intensity of 
5000 lx with a light/dark cycle of 12h L/12h D, using the cool-white fluorescent lamps. The 
cultivation for each treatment was operated in triplicate, and shaken manually three times per day 
to avoid the attachment of cells to the bottle walls. 
4.2.2 Cell growth parameters 
Cell growth parameters including cell density and optical density were periodically 
measured. Cell density was counted under the optical microscope with a Thoma hemocytometer 
(Hirschmann, Germany). For optical density, 4 mL of cell suspension was withdrawn and 
centrifuged at 8000 rpm for 5 min to remove the supernatant. The cell pellets were rinsed with 
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distilled water to eliminate the effect of media compositions, and re-suspended with distilled 
water to 4 mL for optical density determination at 680 nm. In addition to the periodical 
measurement of cell density, cell biomass yield was also determined at the end of cultivation by 
cell dry weight. The harvested cells after rinsing were transferred to pre-weighed glass bottles and 
then dried at 105 ºC for 2 h, and the dry weight was obtained by calculating the weight difference 
of the glass bottles with and without the algal cells. 
4.2.3 Variation of pH and conductivity during the cultivation 
The pH and electricity conductivity (EC) of the media were important indicators reflecting 
some of the key changes in status of cell physiology and metabolism. To ascertain the variation 
in pH and EC, 1 mL of cell suspension was centrifuged at 8000 rpm for 5 min, and the supernatant 
was taken for pH and EC analyses. The pH was ascertained by compact pH meter (LAQUAtwin 
B-712, Horiba, Japan), and the EC was determined by the pocket electrical conductivity meter 
(LAQUAtwin EC-33, Horiba, Japan). 
4.2.4 Quantification of changes in cell morphology 
E. gracilis cells could changes their morphologies (spherical, elongated and spindled shapes) 
due to the lack of rigid cellulose walls, in response to the changes of a cascade of factors such as 
biological clock, cell cycle, photosynthesis, respiration and external environment conditions [19]. 
To quantify the morphological variation of E. gracilis cells resulted from different treatments, 
images of 150 cells for each group were recorded by the Motic Image Plus 2.2S software 
(Shimadzu, Japan) under the microscope, and aspect ratio (ratio of the maximum to the minimum 
Feret diameter) was determined by the particle shape analysis through ImageJ v1.8.0 (Java based 
open source software). 
4.2.5 Photosynthetic pigment analysis 
Photosynthetic pigment content was detected according to the modified method of 
Lichtenthaler and Wellburn [20]. The algal cells were harvested by the filtration of 10 mL of cell 
suspension through the filter paper with a pore diameter of 0.45 μm. After rinsing with distilled 
water to remove the remained salts, the cells were transferred to the mortar and 80% (v/v) acetone 
was added as the solvent. The mixture was ground with glass sands until the pigments were 
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completely extracted. The homogenate was filtered again, and the extract was combined to a 
volumetric flask and diluted to 10 mL using 80% (v/v) acetone. The amounts of chlorophyll a 
(Chla), chlorophyll b (Chlb) and carotenoids (Cx+c) were determined by the absorbances (Abs) at 
the wavelength of 470, 645, and 663 nm with a UV-vis spectrophotometer, in accordance with the 
Eqs. (1-3). The ratio of chlorophyll a to chlorphyll b, and the ratio of chlorophyll a to carotenoids 
were also calculated to evaluate the photosynthetic properties of E. gracilis cells. 
𝐶ℎ𝑙𝑎 = 12.21𝐴𝑏𝑠663 − 2.81𝐴𝑏𝑠646 (1) 
𝐶ℎ𝑙𝑏 = 20.13𝐴𝑏𝑠646 − 5.03𝐴𝑏𝑠663 (2) 
𝐶𝑥+𝑐 = (1000𝐴𝑏𝑠470 − 3.27𝐶ℎ𝑙𝑎 − 104𝐶ℎ𝑙𝑏)/229 (3) 
4.2.6 Cell composition analyzed by FT-IR analysis 
Fourier Transform Infrared (FT-IR) spectroscopy, as an emerging and robust approach, was 
employed to analyze the changes in major macromolecule pools within the cells. Samples 
preparation process was following the previous reports with slight modification [21,22]. 
Microalgal cells were harvested by centrifugation at the speed of 5000 rpm for 15 min, and then 
rinsed with distilled water for 5 times until the media composition was completely removed. The 
obtained cells were quickly frozen using the liquild nitrogen, and then immediately transferred to 
the vacuum freeze dryer (EYELA, FDU-1200, Japan). After drying at -50 ºC for 24 h, the samples 
were ground with potassium bromide (KBr) at a weight ratio of 1:100, until the cells were 
completely broken and evenly dispersed in the Kbr powder. The mixture was pressed in to thin 
pellets by the hand-press for FT-IR analysis. FT-IR spectra of samples at the range of 4000-400 
cm-1 were acquired with 32 scans at a spectral resolution of 4 cm-1 by FT-IR spectroscopy (iZ10, 
Thermo Fisher Scientific, US). Each sample was analyzed in triplicate and a total of 9 replicate 
spectra were obtained for each treatment (n=9). Spectrum of Kbr was collected as the background, 
and all the spectra were baseline and atmosphere corrected using the algorithms of OMNIC 
software (Thermo Fisher Scientific, US). To simplify the spectral information, the spectra were 
narrowed to the fingerprint region of 1800-1000 cm-1 which contained the key bands of 
macromolecules. Normalization to the amide I band at 1657 cm-1 was achieved to eliminate the 
difference of deposit thickness. To further analyze the changes in cell composition with different 
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treatments, relative content of carbohydrate and lipid were calculated by the peak height ratios of 
carbohydrate/amide I and lipid/amide I, respectively [21,22,23].  
4.2.7 Differentiation of metabolites by multivariate analysis 
The normalized spectra were imported into SMICA-P software (ver.13, Umetrics, Sweden) 
for principle component analysis (PCA) and orthogonal partial least squares discriminant analysis 
(OPLS-DA). PCA is a common method for data simplification and exploratory analysis of high 
dimensional data sets. Since different phenolic acid treatments would lead to a cascade of changes 
in metabolites bio-synthesis, PCA was employed to further discriminate the subtle differences in 
metabolic patterns. Furthermore, supervised orthogonal partial least squares discriminant analysis 
(OPLS-DA) was also operated for the rapid comparison of metabolic fingerprints and observation 
of discrete trends between different samples.  
4.2.8 Statistical analysis 
The data were processed by statistical analysis software SPSS (ver.16, IBM, USA) and 
finally expressed in mean ± standard deviation (SD). One-way analysis of variance (ANOVA) 
combined with post hoc Dunnett’s test were used to analyze the differences in the parameters 
between different treatment groups at a significance level of 95%. 
4.3 Results and discussion 
4.3.1 Growth promotion of E. gracilis by SA and p-CA 
Positive effects of SA and p-CA on the growth of E. gracilis cells were both observed, and 
the cell density was notably increased by these two phenolic acids in concentration dependent 
manners. The results were illustrated in Fig. 4-1. For SA treatment, cell density at the optimal 
dosage of 0.5 g·L-1 was increased by 1.63 folds, indicating the SA could be utilized as an effective 
growth promotor for E. gracilis. Result of p-CA treatment was similar to that of SA, and cell 
density at 0.3 g·L-1 p-CA treatment was increased by 1.93 folds over the control. The promotion 
effect weakened when the p-CA concentration continued to increase to 0.5 g·L-1, but the cell 
density was still much higher than that of the control. The optical density result was consistent 
with the cell density, suggesting that the dosage used for microalgae cultivation was crucial to the 
promotion effect. Dry cell weight were further analyzed and the results were illustrated in Fig. 4-
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2. At the optimal dosage of 0.5 g·L-1 SA and 0.3 g·L-1 p-CA, the biomass yield was enhanced by 
1.70 and 1.69 times over the control, respectively.  
 
Fig. 4-1.  Growth curves of microalgal cells cultured under different concentrations of SA and 
p-CA. Error bars represent the SD, and CG denotes the control group. (a): growth curves under 
SA treatments; (b): growth curves under p-CA treatments. 
Effects of E. gracilis growth on the pH and EC of the media were investigated as well. SA 
and p-CA both resulted in a decline in the initial pH of the media, and at the concentration of 0.5 
g·L-1 SA and p-CA, pH dropped from 6.9 of the control group to 6.5. In addition, accompanied 
by the rapid proliferation of cells, pH of the media also decreased during the cultivation, which 
mainly due to the increase of carbonate and bicarbonate ions (carbon dioxide). The decrements 
of pH in higher concentrations (0.3 and 0.5 g·L-1) of SA and p-CA treatment groups were larger 
than that in the control group, indirectly demonstrated the algal growth in these groups was 
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improved. The EC reflected the concentration of dissolved ions in the media, and it was observed 
that the EC of the media also decreased over time, which was mainly due to the absorption of 
nutrients ions by the algae cells. However, the treatments of phenolic acids with different 
concentrations appeared to have no marked effects on the EC of the media. 
 
 Fig. 4-2.  Dry biomass of algal cells treated under different concentrations of SA and p-CA. 
Error bars represent the SD with three replicates, and the asterisk represents a significant 
difference between the treatment and control group. (a): dry biomass under SA; (b): dry biomass 
under p-CA. 
This is the first report that SA and p-CA can be utilized as the elicitors for E. gracilis growth. 
In the previous research [24,25], a cascade of shikimate pathway produced phenols were 
considered as inhibitors for microalgae growth. Nakai et al. investigated the inhibitory effects and 
inducement modes of 11 plant-produced phenols on the growth of algae, including SA and p-CA 
used in this experiment [25]. The result revealed that SA had an extremely significant inhibitory 
effect on the blue-green algae Microcystis aeruginosa, but it was not observed with p-CA. This 
was mainly due to the difference in the structure of these two phenolic acids, makes SA more 
prone to auto-oxidation than p-CA. However, no adverse effects of SA and p-CA on the growth 
of E. gracilis were observed in this study. On the contrary, both treatments showed extremely high 
growth promotion effects, which was mainly due to the difference in algae species. In addition, 
the optimal pH environment for M. aeruginosa is alkaline [26], and phenolic acids may be 
affected in this condition and generate some toxic substances such as quinones, while E. gracilis 
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has a wider survival pH range (4.0-8.0), able to adjust the internal pH of the cells to adapt to a 
variety of environments [27]. Thus, the species of algae are vital to the utilization of phenols, and 
different microalgae have different tolerances to the same phenolic substances. The growth 
promotion effect of SA and p-CA on the growth of E. gracilis might be mainly attributed to the 
physiological roles similar to phytohormones, which affected the growth, survival and 
reproduction of algae cells by affecting their endogenous plant hormone levels such as auxin, 
cytokinin, and gibberellin. It was reported that phenylpropanoids were able to affect the 
biosynthesis of L-tryptophan and its conversion to IAA [28], which is a type of auxin that can 
regulate the microalgal growth. In addition, the metabolic evidence for the auxin-phenols balance 
has been demonstrated by some studies, and the regulation of endogenous auxin levels by 
phenolic compounds is in a concentration-dependent manner [29,30]. At low concentrations, these 
phenolic compounds can synergize auxin, and protect the IAA from decarboxylation through a 
competitive mechanism, but at high concentrations, they will become the co-factors for IAA 
degradation [29]. This maybe the reason why the promotion effect weakened as the concentration 
of p-CA increased. Moreover, in higher plants, phenolic substances also have a positive impact 
on the gibberellin-mediated physiological mechanism and cytokinin synthesis, which indirectly 
influences the growth of plants. The growth regulatory effect of SA and p-CA on higher plants 
have also been widely discovered [31]. Since the cellular response of microalgae is similar to that 
of higher plants, growth promotion effects of E. gracilis by SA and p-CA are supposed to be 
closely related to the regulation of endogenous phytohormones levels, which still requires further 
biological evidence. 
4.3.2 Morphological variation under SA and p-CA treatments  
The cell morphology of E. gracilis is an important indicator reflecting the cellular 
physiological status, since it can exhibit various cell morphologies when exposed to different 
external environments, including spherical, spindled and elongated shapes [19]. Therefore, the 
cell morphologies treated with different concentrations of phenolic acids were quantified by the 
cell aspect ratio, and the results were illustrated in Fig. 4-3. The aspect ratio of the cells in the 
control group without any treatment was in the range of 1.1-2.7, which was between spherical 
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and spindled shapes. But as the concentration of SA increased, more elongated cells appeared. 
The median value of the cell aspect ratio rose from 1.8 of the control to 2.2 of 0.3 g·L-1 SA 
treatment group, and 25% of the cells had an aspect ratio in the range of 2.6 to 3.7 which was 
much larger than that of the control group. However, inconsistent with the trend of cell growth, 
when the concentration of SA increased to 0.5 g·L-1, the cell aspect ratio started to decrease. This 
might be related to the darkening of the media under SA treatments, which hindered the 
photosynthesis of the cells, resulting in a lower cell aspect ratio [32]. Similar changes in cell 
morphology were found under p-CA treatment, and more elongated cells were observed in 0.3 
g·L-1 treatment group. Although the cell aspect ratio also declined in 0.5 g·L-1 p-CA treatment, 
this was consistent with the growth trend of p-CA treatment. In view of the fact that the color of 
the medium did not change under p-CA treatment, the decrease in cell aspect ratio at 0.5 g·L-1 
might be due to the weakening of the growth promotion effect. In general, E. gracilis cells under 
stress will exhibit spherical shapes with a reduced cell viability, while cells at more active 
physiological status tend to be elongated shapes which is more conducive to the cell swimming, 
and their photosynthesis and respiration are more active [19,32]. In view of this, it is necessary to 
further characterize the intracellular photosynthetic pigments of E. gracilis. The notable increase 
in cell aspect ratio under both SA and p-CA treatments indicated that cell viability were greatly 
enhanced under these two phenolic acids, which was consistent with the improvement in cell 
growth. 
 
Fig. 4-3.  Boxplots of cell aspect ratio of E. gracilis cultured under different concentrations of 
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SA and p-CA. (a): cell aspect ratio under SA treatments; (b): cell aspect ratio under p-CA 
treatments. The upper and lower boundaries of the box-shaped bars represent the third quartile 
(75%) and the first quartile (25%) of the cell aspect ratio distribution interval, and the horizontal 
line in the middle of the box represents the median value; The whiskers represent the maximum 
and minimum values (excluding outliers), and the asterisk represents the mean value. 
4.3.3 Impact on photosynthetic pigments content 
The changes in the yield and ratio of photosynthetic pigments under different concentrations 
of SA and p-CA were further analyzed, and the results were shown in Fig. 4-4. The yield of 
Chlorophyll a was increased with SA concentration, and the highest yield was achieved under the 
treatment of 0.3 g·L-1 SA. However, when the concentration of SA increased to 0.5 g·L-1, the 
production of chlorophyll a decreased, showing a variation trend similar to the cell morphology. 
In addition, the yield of chlorophyll b and carotenoids also increased notably, indicating that SA 
has a promotion effect on the accumulation of photosynthetic pigments. To further understand the 
changes in photosynthesis capacity and physiological state of algal cells under phenolic acid 
treatment, the ratio of chlorophyll a to chlorophyll b, and the ratio of chlorophyll a to carotenoids 
were analyzed. The former could reflect the capacities of light capture and dark adaptation of the 
algae cells, and the latter could reflect the physiological status of the cells [33]. The Fig. 4-4(b) 
illustrated that the ratio of chlorophyll a to chlorophyll b continued to decrease as the SA 
concentration increased, indicating the increase in the ratio of photosystem II to photosystem I 
[34]. The increase of chlorophyll b relative to chlorophyll a also implied that the wavelength range 
of light absorption by chloroplasts increased, which usually occurred in shade-adapted plants [34]. 
Therefore, the decrease in the ratio of chlorophyll a to chlorophyll b was mainly due to the shading 
effect of SA, which is a manifestation of the dark adaptation of algal cells. In addition, the 
decrease in the ratio of chlorophyll a to carotenoids was only observed at 0.5 g·L-1 SA treatment, 
and it was mainly caused by the decrease in chlorophyll a content. 
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Fig. 4-4.  Pigment yield and ratios under different concentrations of SA and p-CA. (a), (c): 
Pigment yield under SA and p-CA treatments, respectively; (b), (d): pigment ratios (ratio of 
chlorophyll a to chlorophyll b; ratio of chlorophyll a to carotenoids) under SA and p-CA 
treatments, respectively. Error bars represent the SD with three replicates, and the asterisk 
represents a significant difference between the treatment and control group. 
The yield of photosynthetic pigments were also remarkably improved by the treatment of p-
CA. At the optimal dosage of 0.3 g·L-1, the yields of chlorophyll a, chlorophyll b and carotenoids 
were increased by 2.06, 1.31, and 2.16 folds over the control group, respectively. Unlike the SA 
treatment, the ratio of chlorophyll a to chlorophyll b increased with the p-CA concentration, 
indicating an enhanced capacity of light utilization. As p-CA concentration increased to 0.5 g·L-
1, the ratio returned to the normal level in the control group, which was consistent with the changes 
in the algal growth under p-CA treatment. On the contrary, the ratio of chlorophyll a to carotenoids 
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decreased notably, which was mainly due to the increase in carotenoids content. In general, 
chlorophylls are the primary electron donors in the electron transport chain, while carotenoids are 
the auxiliary pigment which can protect the photosynthetic apparatus by energy dissipation 
through non-photochemical quenching [35]. Furthermore, the biosynthesis of carotenoids in 
microalgae cells has identical environmental clues to the inducement of synthesis of 
triacylglycerols [36], which implies the application potential of phenolic compounds in the 
accumulation of lipids and carotenoids. Therefore, it is necessary to further analyze the changes 
in the macromolecules pools in microalgae cells. 
4.3.4 Relative content of carbohydrate and lipid  
The biochemical composition of E. gracilis cells under the treatment of phenolic acids were 
analyzed by the FT-IR spectroscopy. According to previous reports and literature [21,22,23], 
major macromolecules, including carbohydrates, lipids, proteins and phosphorylated molecules 
were well identified in the “fingerprint region” (1800cm-1-1000cm-1) of the FT-IR spectra. As seen 
from the spectra, the SA and p-CA treated samples had higher absorbance at the band (1734 cm-
1) associated with the υ(C=O) stretching vibration of fatty acids over the control samples, while 
the two phenolic acids exhibited different influences on the band (1078 cm-1) related to the υ(COC) 
vibration of polysaccharides, which indicated the difference in the biosynthesis of major 
macromolecules in E. gracilis by SA and p-CA.  
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Fig. 4-5.  Relative content of carbohydrate and lipid at the optimal dosage of SA and p-CA. C1 
and C2 are the control group for each independent experiment, and the optimal dosages for SA 
and p-CA are 0.5 g·L-1 and 0.3 g·L-1, respectively. Error bars represent the SD with nine 
replicates, and the asterisk represents a significant difference between the treatment and control 
group. 
To understand the specific changes in the cellular biochemical composition under the 
exposure of phenolic acids, the relative content of carbohydrate and lipid were further compared, 
and the results were shown in Fig. 4-5. Compared with the control group, the intracellular 
carbohydrate and lipid content at 0.5 g·L-1 SA increased by 10.75% and 12.58%, respectively. 
Since the cell density also increased remarkably under the SA treatment, it suggested that the final 
production of carbohydrate and lipid in E. gracilis would be greatly enhanced. Similar result was 
also observed in the previous research. Tam et al. reported that ferulic acid extracted from rice 
bran could simultaneously increase the accumulation of carbohydrate and lipid in 
Nannochloropsis oculata, but at the expense of protein content [37]. SA might have a similar role 
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as ferulic acid in the regulation of metabolites in E. gracilis, which could contribute to the 
production of high value-added metabolites. Different from the influence of SA, p-CA at the 
optimal concentration of 0.3 g·L-1 significantly decreased the carbohydrate content by 14.46%, 
but increased the accumulation of intracellular lipids by 12.83%. It is reasonable because 
carbohydrate and lipid, as both energy stores in microalgae cells, share the same precursors such 
as pyruvate and triacylglycerol, and can be converted into each other in response to different 
external environments [6]. Based on the different results obtained from SA and p-CA, it can be 
inferred that different phenolic compounds determine different biosynthetic pathways and the 
flow of carbon to metabolites in microalgae cells, but it is consistent that both SA and p-CA 
treatments can significantly increase the lipid production of E. gracilis cells. Unlike the traditional 
methods that promote lipid biosynthesis through nitrogen starvation and abiotic stress, SA and p-
CA treatments will not sacrifice microalgae growth, and the accumulation of biomass and lipids 
can be achieved simultaneously, which will favor the large-scale commercial production of 
biofuels from E. gracilis. 
4.3.5 Multivariate analysis 
The FT-IR spectra were further analyzed by unsupervised PCA and supervised OPLS-DA 
models to obtain complete available information about the metabolic patterns of E. gracilis cells 
before and after different phenolic acid treatments. First, the spectra of algae cells under SA 
treatment was characterized, and the PCA scores plot was shown in Fig. 4-6(a). The distribution 
of datasets from the control and SA-treated samples was very concentrated, suggesting that the 
difference was not well distinguished [38]. To better visualize the differentiation of datasets 
between samples, the metabolic profiles of the control and SA treatment groups were evaluated 
through a supervised OPLS-DA model. The two groups were clearly separated in the OPLS-DA 
scores plot with good parallelism, indicating that SA induced significant biochemical changes in 
the physiological metabolism of E. gracilis. One major component and four orthogonal 
components were resolved from the model, and the cumulative contribution rate R2X was 0.996. 
The loading plot of the major predictive component (explained 46.4% of the total variation) was 
employed to determine the characteristic metabolites under different treatments. Generally, the 
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treatment group located in the positive direction of the scores plot has more prominent metabolites 
assigned by these bands with positive loadings (in the loading plot), and vice versa [39]. Therefore, 
Fig. 4-6(c) illustrated that the protein content was more prominent in the control group, since the 
band at 1651cm-1 was located in the negative direction of the loading plot, where this band was 
associated with the υ(C=O) vibration from the amide I of the proteins. The content of many other 
metabolites including lipids (1757 cm-1), carboxylates (1408 cm-1), phosphorylated molecules 
(1252 cm-1) and carbohydrates (1155, 1109, 1080 and 1051 cm-1) were more prominent in the SA-
treated samples. This result was consistent with the previous quantification of carbohydrate and 
lipid content (Fig. 4-5), indicating the reliability of the models. 
 
Fig. 4-6.  PCA and OPLS-DA scores plots (left and middle) and loading plots (right) of the E. 
gracilis cell samples with different treatments. (a): PCA scores plot of samples with and without 
SA treatment (R2X = 0.969, Q2(cum) = 0.942); (b): OPLS-DA scores plot of samples with and 
without SA treatment (R2X = 0.996, R2Y = 0.991, Q2(cum) = 0.972); (c): OPLS-DA loading plot 
of samples with and without SA treatment (R2X1 = 0.464); (d): PCA scores plot of samples with 
and without p-CA treatment (R2X = 0.973, Q2(cum) = 0.955); (e): OPLS-DA scores plot of 
samples with and without p-CA treatment (R2X = 0.948, R2Y = 0.983, Q2(cum) = 0.962); (f): 
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OPLS-DA loading plot of samples with and without p-CA treatment (R2X1 = 0.274). In the 
OPLS-DA loading plot, the bands in light orange, red, grey and green regions were associated 
with carbohydrates, phosphorylated molecules, proteins and lipids, respectively. The bands with 
the positive loadings indicate the content of assigned metabolites are higher in the group with 
positive scores, and vice versa. 
The PCA and OPLS-DA models were also established for the differentiation of metabolic 
patterns from algae cell samples with and without p-CA treatments. As seen from Fig. 4-6(d), the 
control and p-CA treatment groups were clearly separated in the PCA scores plot, and PC1 and 
PC2 accounted for 64.4% and 29.3% of the total variation, respectively. The separation between 
these two groups were mainly in the PC2 direction. The characteristic metabolites of p-CA 
treatment were further analyzed, and the scores plot and loading plot of OPLS-DA were obtained. 
A total of one predictive component and two orthogonal components were resolved from the data. 
The cumulative contribution rate R2X was 0.948, and Q2 was 0.962, indicating that the OPLS-DA 
model was predictable. To avoid overfitting of the models, permutation test with 20 permutations 
were operated and the result showed the OPLS-DA model was of a good quality. As illustrated in 
the loading plot, p-CA treated samples had more prominent spectral absorbance in the regions of 
lipids (C=O stretching vibration at 1745 cm-1, and CH3 and CH2 bending at 1460 cm-1), 
carboxylates (COO- antisymmetric stretching at 1630 cm-1), amide II (N-H bending and C-N 
stretching vibration at 1550 cm-1), sulfate (S=O stretching at 1394 and 1348 cm-1) and ethers (C-
O stretching at 1211cm-1), while less prominent spectral absorbance in the regions of amide I 
(C=O vibration at 1664 cm-1), phosphorylated molecules (PO2- asymmetric vibration at 1263 cm-
1) and carbohydrates (C-O-C of glycosidic bonds and C-OH side groups at 1155, 1101, 1076 and 
1049 cm-1). This was consistent with the previous results shown in Fig. 4-5(c) and (d). The p-CA 
treatment increased the accumulation of intracellular lipids in E. gracilis, but diminished the 
carbohydrate content. FT-IR spectroscopy combined with multivariate analysis not only reflects 
the variation trend of biological macromolecules, but also reveals the perturbations of other 
metabolites including some small molecules. Although the determination of specific changes in 
these metabolites still requires precise analytical techniques, it provides effective evidence for the 
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rapid evaluation of changes in microalgae metabolism profiles under different phenolic acid 
treatments, and provides the guidance for the accumulation of high-value-added metabolites in 
microalgae and biofuel production.  
4.4 Conclusion 
Supplementation of SA and p-CA simultaneously enhanced the biomass and lipid production 
of E. gracilis. At optimum exogenous supply, 0.5 g·L-1 SA and 0.3 g·L-1 p-CA increased the lipid 
yield by 91.30% and 90.88%, respectively. In addition, morphological variation together with the 
increase in photosynthetic pigments yield were also observed under phenols treatment. Further 
research on the utilization of wastewater rich in other phenols to microalgal cultivation will be 
necessary, for the purpose of relieving the stress of aquatic environments and increasing the 
production of microalgal biomass and lipids for biofuels.  
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Chapter 5. Enhancement of biomass yield and lipid accumulation of 
freshwater microalga Euglena gracilis by phenolic aldehydes from basic 
structures of lignin 
Introducing biomass-derived additives into microalgae cultivation to increase its yield has 
been regarded as a more cost-effective and environment-friendly method compared with gene-
editing and nutrients supplementation. In this research, feasibility of three major phenolic 
compounds from lignin’s basic structures (guaiacyl-, hydroxyphenyl- and syringyl- types) for 
freshwater microalga Euglena gracilis cultivation was evaluated. The results indicated that 
trans-4-hydroxy-3-methoxycinnamic acid (HMA), 4-hydroxybenzaldehyde (HBA), and 
syringaldehyde (SRA) could all promote microalgae growth in a phytohormone-like role, and 
the highest promotion effect was achieved under HMA treatment. HMA at 0.5 g·L-1 enhanced 
the cell biomass yield by 2.30 times, while HBA and SRA at the concentration of 0.1 g·L-1 
increased the yield by 1.30 and 1.21 times, respectively. In addition, increased carotenoids and 
lipid biosynthesis were also observed under the treatments of phenolic compounds, which 
would contribute to the microalgae biofuel production, since the growth and lipid accumulation 
of E. gracilis were simultaneously enhanced.  
5.1 Introduction 
Facing a cascade of problems such as the depletion of fossil fuels, surge in world population, 
intensification of greenhouse effect, and deterioration of environment, people have been devoting 
extensive attempts to finding alternative sources of biofuels and food to meet the growing 
demands [1]. Nowadays, microalgae, regarded as the cell factories for various natural products 
(such as lipids, proteins, carbohydrates, pigments, enzymes) have attracted great interest 
worldwide due to the fast growth cycle, high biomass yield and positive environment impact [2]. 
Euglena gracilis is one of the most widely and successfully cultivated commercial microalgae, 
and it has been applied across food, feed, pharmaceuticals, and cosmetics industries, due to its 
success in outdoor mass cultivation and harvesting, as well as the rich content of high value added 
products [3]. Moreover, owing to the advantages of high lipid productivity, no occupation of farm 
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lands and no competition with food production, the potential of microalgae in biofuel production 
has also been exploited [4]. However, the high cost associated with the culture process, as well as 
existing productivity constraints, are projected to hamper the growth of E. gracilis market. 
Therefore, exploring novel cultivation methods that are efficient and cost-effective has become a 
top priority to overcome the bottleneck of microalgae commercialization.  
Generally, nitrogen starvation and stress are conventional approaches to increasing the lipid 
accumulation of microalgae [1,5]. However, they are often not conducive to the growth of 
microalgae, which is a potential conflict in its production [6]. Therefore, increasing the lipid 
content without sacrificing cell growth is vital for the development of microalgal biofuel industry. 
Supplementation of phytohormones and/or carbon sources during growth are another strategies 
to increase lipid accumulation. Phytohormone is the stress signaling molecule, which can interfere 
with enzymes involved in lipid synthesis and inhibit their competitive pathways, while organic 
carbon sources can be directly assimilated in metabolic pathways, increasing the supply of carbon 
flux and precursors for lipid synthesis [1,7]. However, commercial phytohormones will greatly 
increase the cost of cultivation, and the amount of organic carbon sources used for microalgae 
culture tends to be relatively large, which will easily cause eutrophication and bacterial 
contamination of water bodies [8].  
A cost-effective and environmentally friendly method for enhancing the yield of microalgal 
biomass and valuable metabolites through additives from waste biomass has been proposed. In 
previous reports, Nogami et al. [9] found that 0.5 g·L-1 industrial waste steel-making slags 
improved the microalgal growth and lipid yield of Botryococcus braunii by 1.74 and 2.61 times, 
respectively. In addition, studies showed that the hydrolysate of agro-waste rice straw as the 
medium of Chlorella pyrenoidosa could significantly increase the biomass concentration and lipid 
content, which could contribute to the biodiesel production [10]. Lignin is also a potential 
alternative, since it is one of the most abundant raw materials on earth, exceeded only by cellulose, 
and its current availability is very low. Furthermore, it is an important source of bioactive phenolic 
substances, and mainly composed of three basic monolignols which was oxidatively coupled (as 
building blocks), including guaiacyl (G), p-hydroxyphenyl (H), and syringyl (S) alcohols [11]. In 
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the previous research, it was observed that lignosulfonate, the major byproduct of the pulping 
liquid, could act as the growth stimulant for E. gracilis and increase its lipid production, and it 
might play the role similar to phytohormones through these phenolic monomers [12]. It has 
already been sporadically reported that several phenolic compounds such as vanillic acid and 
protocatechuic acid have allelopathic properties and can exist as response and defense substances 
in plants against various abiotic stresses [13]. Moreover, Esakkimuthu et al. [1] discovered that 1 
mM p-coumaric acid (from H-type lignin hydrolysate) was able to improve the biomass yield and 
lipid production of Tetradesmus obliquus by 1.34 and 2.45 times, respectively, of which the effect 
was comparable to phytohormones jasmonic acid and salicylic acid. Therefore, it seems 
promising to search for growth stimulants of microalgae from lignin hydrolysates, since it will 
satisfy the dual demands, not only massively increase biomass production at a lower cost, 
improving the commercial value of microalgae, but also make full use of phenolic substances in 
the waste streams from the textile, pulp, leather and petrochemical industries, reducing 
environmental pollution. 
For the moment, the role of lignin related phenolic derivatives in the growth of microalgae 
is still poorly understood, and there is also a lack of discussion on the relationship between 
different structures of phenolic compounds and their effects. To make up for this, three major 
types of phenolic compounds from the downstream byproducts of lignin hydrolysis, trans-4-
hydroxy-3-methoxycinnamic acid (HMA: G-type), 4-hydroxybenzaldehyde (HBA: H-type), and 
syringaldehyde (SRA: S-type) were selected in this research, and their effects on microalgal 
growth and lipid content were investigated. The parameters including cell density, biomass yield, 
cellular morphology, photosynthetic pigments and macromolecules content were also evaluated. 
Moreover, the possible impacts of structural differences of phenolic compounds on the growth of 
microalgae were discussed.  
5.2 Materials and methods 
5.2.1 Phenolic compounds from basic structures of lignin 
Trans-4-hydroxy-3-methoxycinnamic acid (HMA), 4-hydroxybenzaldehyde (HBA), and 
syringaldehyde (SRA) were mainly from guaiacyl- (G-type), hydroxyphenyl- (H-type), and 
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syringyl- (S-type) lignins, respectively. These phenolic compounds were purchased from 
Fujifilm Wako Pure Chemical Corporation, Japan. Prepared 500 mL of stock solution for later 
use. To avoid the composition variation of the stock solution caused by high temperature of 
autoclaving, it was sterilized by vacuum filtration device of which the pore diameter was 0.45 μm 
(Nalgene, Thermo Fisher Scientific, USA). 
5.2.2 Microalga and culture conditions 
Euglena gracilis Klebs (NIES-48) strain was obtained from the National Institute for 
Environmental Studies, Japan. Microalgal cells were cultured in modified Cramer-Myers (CM) 
medium for autotrophic cultivation [14]. The temperature was maintained at 25 ºC. Flask culture 
process in this experiment was according to the previous reports [15,16], to simulate the natural 
growth conditions, no extra air-aeration was provided since the air in the Erlenmeyer flask was 
sufficient and each flask was fitted with a breathable rubber plug. For experiment, 10 mL of active 
cells at log phase were inoculated into fresh medium and mixed with different proportions of 
phenolic compound stock solutions, making the final culture volume of 100 mL in the Erlenmeyer 
flasks. The concentrations of the three phenolic compounds were 0, 0.05, 0.1, 0.3, 0.5, and 1 g·L-
1. The illumination (light/dark cycle: 12/12 h) was provided by cool-white fluorescent lamps and 
light intensity was 5000 lx. All groups were shaken twice a day to avoid massive accumulation of 
algal cells on the flask wall. The cultures were operated in triplicate and experiment for each 
phenolic compound has an independent control group. 
5.2.3 Cell growth parameters 
Cell growth was evaluated by the parameters such as cell density, optical density of cell re-
suspensions and cell dry weight. Cell density was periodically counted by hemocytomter (Thoma, 
Hirschmann, Germany) under optical microscope (BA210, Motic, Japan). Correspondingly, the 
optical density at 680 nm of cell re-suspensions were also determined. Aliquots 4 mL of cell 
suspensions were centrifuged at the speed of 5000 rpm for 5 minutes. The supernatant was 
collected for pH determination, and cell pellets were rinsed with deionized water to eliminate the 
influence of media and additives. Cells were re-suspended to 4 mL and the optical density at 680 
was determined by the UV–vis spectrophotometer (Genesys 10S, Thermo Fisher Scientific, USA). 
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Microalgal cells were harvested at the end of the culture for dry weight analysis. Aliquots 20 
mL of cell suspensions were centrifuged at the speed of 5000 rpm for 15 minutes, and washed 
with distilled water three times. The rinsed cells were then transferred to the pre-dried and 
weighed glass bottles, and dried at 105 ºC for 2 h. The dry weight of cell biomass was obtained 
by calculating the difference between the initial and final weight of the glass bottle. 
5.2.4 Analysis of morphological changes 
The cell morphology of E. gracilis is an important parameter reflecting cell physiology and 
metabolism under different culture conditions. Morphologies of 120 algal cells were randomly 
observed under the optical microscope (BA210, Motic, Japan), and recorded by the software 
Motic Image Plus 2.2S. Quantification of cell morphology was achieved by particle-shape 
analysis with the software ImageJ (National Institutes of Health, US). To evaluate the changes in 
morphologies under different treatments, cell aspect ratio was calculated by the ratio of cell length 
to width according to Eq. (1), and cell size was approximated by the projection area. Feret’s 
diameter, MinFeret, and projection area were all recorded through the automatic algorithm of 
ImageJ. 
𝐶𝑒𝑙𝑙 𝑎𝑠𝑝𝑒𝑐𝑡 𝑟𝑎𝑡𝑖𝑜 = 𝐹𝑒𝑟𝑒𝑡′𝑠 𝑑𝑖𝑎𝑚𝑒𝑡𝑒𝑟/𝑀𝑖𝑛𝐹𝑒𝑟𝑒𝑡 (1) 
Where the Feret’s diameter is the longest distance between any two points along the selection 
boundary, and MinFeret is the minimum caliper diameter, representing cell length and width, 
respectively.  
5.2.5 Analysis of photosynthetic pigments  
Photosynthetic pigments content was measured following the previous report [17]. Ten 
milliliter of cell suspensions were filtrated and rinsed with distilled water three times. Hereafter 
the cells were ground together with glass sands and 80%(v/v) acetone solutions, till the pigments 
were completely transferred to the solvents. The extract homogenate were filtrated again to 
remove the insolubles. The filtrates were combined and made to 10 mL using acetone solutions, 
and the absorbances of the extract at 470, 646, and 663 nm were determined by the UV–vis 
spectrophotometer. The content of photosynthetic pigments (mg·L-1) were measured according to 
the following Eqs. (2)- (4).  
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𝐶𝑎 = 12.21𝐴𝑏𝑠663 − 2.81𝐴𝑏𝑠646 (2) 
𝐶𝑏 = 20.13𝐴𝑏𝑠646 − 5.03𝐴𝑏𝑠663 (3) 
𝐶𝑥+𝑐 = (1000𝐴𝑏𝑠470 − 3.27𝐶ℎ𝑙𝑎 − 104𝐶ℎ𝑙𝑏)/229 (4) 
Where Ca, Cb, and Cx+c denote chlorophyll a, chlorophyll b, and carotenoids content, and 
Abs470, Abs646, and Abs663 denote their absorbances at 470, 646, and 663 nm, respectively.  
5.2.6 Analysis of changes in biochemical composition 
Fourier-transform infrared (FT-IR) spectroscopy analysis, a high-throughput and sensitive 
technique, was employed for better comparisons of the changes in cellular components under 
different treatments. Relative content of carbohydrates and lipids was analyzed by FT-IR analysis, 
requiring only a small amount of cell biomass, and without any complicated cell extraction 
process [18]. The detailed process was according to the modified method given by Meng et al. 
[19]. Aliquots 15 mL of cell suspensions were centrifuged at 5000 rpm for 10 min to remove the 
media, and the cell pellets were rinsed with de-ionized water five times to eliminate the effect of 
reversed salts and other media components. Afterwards the harvested cell biomass was snap-
frozen using liquid nitrogen and dried at -50 ºC under vacuum for 24 h. For FT-IR analysis, 
lyophilized cells were ground together with KBr at a ratio of 0.5-2%. The obtained fine flour-like 
powder was pressed into thin sheets by a manual press. The FT-IR spectra of cell samples were 
obtained from the FT-IR spectrometer (Nicolet iZ10, Thermo Fisher Scientific, USA), and 
spectrum of KBr was set as the background. FT-IR analysis of each group was repeated three 
times, and a total of 9 repeated analyses were performed for each treatment (in triplicate). The 
absorbance spectrum in the regions of 4000-400 cm-1 was acquired with 32 scans co-added and 
averaged, and the spectral resolution was 4 cm-1. The spectra were resorted to baseline and 
atmospheric correction using the automatic algorithms of OMINIC software (Thermo Fisher 
Scientific, US), and narrowed to the fingerprint regions of 1800-1000 cm-1 which contained key 
bands providing information about the cellular biochemical composition [18]. To minimize the 
influence of inhomogeneous thickness of sample sheets, the spectra were normalized to amide Ⅰ 
at 1657 cm-1 (as the internal reference peak). Relative content of lipids and carbohydrates were 
estimated by calculating the peak height ratios of lipid/amide I and carbohydrate/amide I bands, 
 
- 95 - 
 
respectively. 
5.2.7 Principle component analysis 
Principle component analysis (PCA) was also employed to analyze the discrete trends in the 
metabolic fingerprint of microalgal cells under the treatments of different phenolic compounds. 
Normalized FT-IR spectra were imported into the software SIMCA-P (v.13.0, Umetrics, Sweden) 
and PCA model was established to compare the metabolic difference between the algal cells with 
and without phenols treatment. 
5.2.8 Statistical analysis 
All analyses were operated in triplicate. The data were processed by SPSS (v.16, IBM, USA) 
and expressed in mean plus/minus one standard deviation. One-way analysis of variance 
(ANOVA) followed by post hoc Dunnett’s test were performed to analyze the difference in growth 
and metabolism parameters between the control group and the target treatment groups with 
a 95% confidence level. 
5.3 Results and discussion 
5.3.1 Growth promotion of E. gracilis with different phenolic compounds 
The regulatory effects on growth of E. gracilis were observed under the treatments of three 
phenolic substances, and this dose response phenomenon was similar to the hormesis effect, i.e., 
it promoted growth at lower concentrations but exhibited significant inhibitory effect at high 
concentrations. The result was shown in Fig. 5-1. Among them, HMA had the most obvious 
growth promotion effect on E. gracilis and showed a concentration-dependent manner. The 
maximum growth promotion effect was achieved under 0.5 g·L-1 HMA treatment, with the cell 
density increased by 1.60 times over the control group, consistent with the result of optical density 
at 680 nm. However, in the case of direct exposure to 1 g·L-1 of HMA, growth of E. gracilis was 
completely inhibited, indicating that HMA is acutely toxic to E. gracilis at very high 
concentrations (over 0.5 g·L-1). Different from HMA treatment, E. gracilis cells were very 
sensitive to HBA and SRA treatments. When the concentration increased to 0.3 g·L-1, its growth 
was completely inhibited. However, the treatment of lower dosages (0.05 and 0.1 g·L-1) of HBA 
and SRA showed notable growth promotion effect on algae. Dry weight of cell biomass as shown 
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in Fig. 5-2 was consistent with the results of cell density. The maximum promotion effect was 
achieved at 0.5 g·L-1 HMA, and the biomass yield of E. gracilis was increased by 2.30 times over 
the control group. Although the promotion effect was lower than that of HMA, HBA and SRA at 
concentration of 0.1 g·L-1 still significantly increased the biomass production by 1.30 and 1.21 
times, respectively. 
All the three phenolic compounds caused decline in the initial pH of the medium (as shown 
in Fig. 5-1b, d, f), among which HMA was the most obvious due to the nature of phenolic acid. 
The pH of the medium dropped from 6.9 to 5.0 when HMA concentration increased to 1 g·L-1, 
while it only decreased to 6.6 under the same concentration of HBA and SRA treatments (weakly 
acidic due to the alpha-hydrogen from the aldehyde group). In addition, the pH of 0.5 g·L-1 HMA 
treatment group dropped sharply from 6.2 to 4.6 during the cultivation, which was mainly due to 
the intense consumption of ammonium salts and the production of carbon dioxide in the medium, 
resulting from the rapid proliferation of E. gracilis cells [8,12]. More importantly, this 
phenomenon of pH drop induced by HMA was beneficial to outdoor cultivation of E. gracilis, 
since bacterial contamination was not prone to occur under such a low pH [8]. 
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Fig. 5-1. Growth profiles of E. gracilis in response to different dosages of HMA, HBA and 
SRA. Error bar represents the standard deviation of three replicates. (a), (c), (e): growth curves 
of algae cells under the treatments of HMA, HBA and SRA, respectively; (b), (d), (f): pH 
variation of the media under the treatments of HMA, HBA and SRA, respectively. 
This is the first report on the application of HMA, HBA and SRA to E. gracilis culture, and 
significant growth promotion effects have been observed in all three phenolic compounds. In 
previous reports, effects of phenolic compounds on microalgae growth were controversial. Nakai 
et al. [20] reported that a cascade of shikimate pathway-produced phenolic acids (caffeic acid, 
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protocatechuic acid, gallic acid, sinapic acid, and syringic acid) showed inhibitory effects on 
growth of cyanobacteria Microcystis aeruginosa, but meanwhile, growth stimulation effects of p-
hydroxybenzoic acid, vanillic acid, syringic acid and p-coumaric acid on some green algae were 
also observed [1,21,22]. For example, p-coumaric acid could increase the biomass yield of 
Tetradesmus obliquus by 34.1%. In this research, HMA, HBA and SRA could stimulate the 
growth of E. gracilis at low concentrations, but inhibit the growth at high concentrations. Based 
on the aforementioned previous research and the results in this study, it can be inferred that 
different species of microalgae have different tolerances to exposure of phenolic compounds, and 
the dosage used for the specified microalgae cultivation is also crucial. This research 
demonstrated that E. gracilis is a promising alga to utilize the downstream phenolic compounds 
from lignins. This was mainly due to its wide pH range and the features of both animal and plant. 
The former enables it to adapt to the acidic pH of phenols, while the latter enables it not only to 
grow autotrophically through photosynthesis, but also to assimilate nutrients through 
phagocytosis. 
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Fig. 5-2. Dry biomass yield of algae cells under the treatments of HMA, HBA and SRA. 
(a): dry weight under HMA treatment; (b): dry weight under HBA treatment; (c): dry weight 
under SRA treatment. N.D. denotes not determined due to very low biomass; the asterisk 
indicates the significance of the difference from the control group, and *, ** and *** denote 
significance at the 95%, 99%, and 99.9% levels, respectively. 
The role of HMA, HBA and SRA in growth regulation of E. gracilis was similar as 
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phytohormones. In previous reports, the exogenous supply of 45 μM jasmonic acid (jasmonate 
class of plant hormone) resulted in a 51% increase in the growth of Chlorella vulgaris, while 
higher concentrations led to growth retardation [23]. In addition, salicylic acid (phenolic 
phytohormone, o-hydroxybenzoic acid) at low concentrations significantly increased the biomass 
of Haematococcus pluvialis, but at high concentrations it decreased chlorophyll content and 
bleached the cells [24]. Consistent results were also observed in all three phenols, and bleaching 
and apoptosis of cells occurred in high concentration treatment group as well. The stimulation 
effect of these phenolic compounds on microalgae was mainly attributed to the regulation of 
endogenous phytohormones levels. Some cases have shown that phenylpropanoid compounds are 
able to affect the biosynthesis of L-tryptophan and the conversion to indole-3-acetic acid (IAA), 
thereby interfering with plant growth and development [25]. Phenolic compounds at low 
concentrations appear to act as auxin synergist to reduce the auxin degradation by auxin oxidase 
through a competitive mechanism, but at high concentrations they tend to be cofactors in the 
degradation of IAA [21,22]. Moreover, they are also able to indirectly influence the number of 
cytokinin (CK) synthesis sites and the gibberellin (GA)-mediated physiological mechanism [26], 
which maybe a reason for further improvement of E. gracilis growth. The difference in the 
effectiveness of three phenolic compounds could be related to the formation of quinones. HBA 
and SRA as aromatic aldehydes were more prone to be oxidized into quinones than HMA which 
was confirmed by the changes in UV-vis spectra, and these oxidation products have been shown 
to cause the degradation of CKs because they are the preferred electron acceptors in the reactions 
catalyzed by CK dehydrogenase [27]. Moreover, the formation of quinones is often accompanied 
by the production of reactive oxygen species, which will be adverse to the algae growth. Therefore, 
compared with HBA and SRA, the more stable HMA was supposed to have far superior growth 
promotion effects and less toxicity on E. gracilis. The discovery from this research could provide 
some inspiration for screening more stable and excellent growth elicitors. 
 
5.3.2 Influence on cell morphology 
The cell morphology of E. gracilis is an important indicator reflecting the physiological 
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status of algae cells. Under different conditions, E. gracilis cells will show different morphologies, 
including sub-spherical, spindled and elongated types. Its shape is closely correlated to biological 
clock, photosynthesis, respiration, metabolic modes and external environmental factors [28]. In 
this study, the effects of three phenols on the cell morphology were evaluated by the changes in 
cell aspect ratio and size, and the results were illustrated in Fig. 5-3. The cell aspect ratio in all 
treatment groups ranged from 1 to 6, consistent with the previous reports [28,29]. For HMA 
treatment, the cell aspect ratio distribution showed an increasing trend with the increase of HMA 
concentration, and the median cell aspect ratio increased from 2.36 of the control group to 3.51 
of the 0.5 g·L-1 treatment group, indicating that more elongated cells appeared. Correspondingly, 
the cell size also increased by 23.81%. Similar results were also observed under HBA and SRA 
treatments, although the increments were smaller than that under HMA treatment. In addition, 
when the dosage of SRA increased to 0.3 g·L-1, cell aspect ratio and size also dropped along with 
the emergence of the inhibitory effect, which was consistent with the previous report that E. 
gracilis would show a bigger and rounder cell morphology due to the cellular stress response and 
the accumulation of paramylon [28].  
The regulation effects of phenols on the microalgal cell morphology were similar to those of 
some phytohormones. Park et al. [30] discovered that five different phytohormones (IAA, GA, 
kinetin, 1-triacontanol, and abscisic acid) caused the marked increase in cell size of 
Chlamydomonas reinhardtii, because many daughter cells were retained in the single cell before 
cell division. For E. gracilis, the cells generally reproduced through longitudinal binary fission, 
and the stimulation of phenols on mitosis before the cell release might be the reason for the 
increase in cell aspect ratio. Similar morphological variation of E. gracilis cells was also observed 
under the treatment of exogenous IAA and GA [31], which further supported our results. In 
addition, the combined treatment of indole-3-butyric acid and GA would also increase the cellular 
diameter of Chlorella sorokiniana, and trigger an increase in the aspect ratio of Scenedesmus sp. 
cells. More importantly, the changes in morphology of the two microalgae implied the alteration 
of cellular patterns, and an increase in intracellular lipid accumulation was observed [32]. 
Generally, the ideal biofuel-producing microalgae cells will have a large size [33], thus, the 
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enlargement of cell size of E. gracilis may increase its potential for biofuel production, which still 
requires further analyses. 
 
Fig. 5-3. Box plots of cell aspect ratio and projection area of E. gracilis under the treatment 
of phenolic compounds. (a): cell aspect ratio under HMA; (b): cell projection area under HMA; 
(c): cell aspect ratio under HBA; (d): cell projection area under HBA; (e): cell aspect ratio under 
SRA; (f): cell projection area under SRA. The horizontal line represents the median, and the 
asterisk indicates the mean. The interquartile range box represents the middle 50% of the data, 
and the whiskers indicate the ranges for the bottom 25% and the top 25% of the data values, 
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excluding outliers. 
5.3.3 Influence on photosynthetic pigment composition and content 
Photosynthetic pigments play vital roles in photosynthesis and carbon dioxide fixation, thus 
the content and yield of chlorophyll a, chlorophyll b, and carotenoids under different 
concentrations of phenols treatments were determined and the results were shown in Fig. 5-4. 
Consistent with the cell growth results, the three phenolic compounds significantly increased the 
photosynthetic pigments yield at low concentrations. When exposed to the optimal concentrations 
of HMA, HBA and SRA (0.5 g·L-1 for HMA, and 0.1 g·L-1 for HBA and SRA), the production of 
chlorophyll a increased by 3.08, 1.17 and 1.43 times, respectively. Correspondingly, the 
carotenoids yield under the treatment of phenols has also been significantly improved. To further 
analyze the influence of phenolic compounds on the pigments content within the cells, the 
proportion of photosynthetic pigments in unit dry biomass was compared as illustrated in Fig. 5-
4b, d, e. Both HMA and SRA significantly increased the intracellular chlorophyll a content, but 
the change was not significant under HBA treatment. Moreover, the treatment of these phenols 
also decreased the chlorophyll b content in E. gracilis, leading to a rise in the ratio of chlorophyll 
a to chlorophyll b, which indicated an increase in the light-capturing capacity of algal cells [34]. 
Similar results have also been reported in rice Oryza sativa L., and pretreatment with salicylic 
acid could significantly increase the chlorophyll a content and improve photosynthesis, whereas 
protocatechuic acid greatly decreased the chlorophyll b content [35]. These phenolic substances 
have been demonstrated to be able to improve membrane perturbation of plant cells, and 
subsequently produce a cascade of physiological effects, including improving the cell-water 
relationships, photosynthesis and respiration rates [13]. Furthermore, the positive effects of three 
phenols on carotenoids content were also observed. HMA greatly increased the carotenoids 
content in E. gracilis (P <0.01), and equivalent trends were observed under HBA and SRA 
treatments, but the increment was not significant (P >0.05). Carotenoids are crucial for the 
stability and functionality of the photosynthetic apparatus, and for the most part, the environment 
cues that induce carotenogensis in algae are identical to the ones which will induce the 
biosynthesis of neutral lipids. Therefore, it is necessary to further analyze the changes in cellular 
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components of microalgae. 
 
 
Fig. 5-4. Photosynthetic pigments yield and content in E. gracilis under different 
concentrations of HMA, HBA and SRA. (a), (c), (e): pigment yield under HMA, HBA and SRA 
treatments, respectively; (b), (d), (f): intracellular pigment content and ratio of chlorophyll a to 
chlorophyll b under HMA, HBA and SRA treatments, respectively; N.D. represents not 
determined due to very low biomass; the asterisk indicates the significance of the difference 
from the control group, and *, ** and *** denote significance at the 95%, 99%, and 99.9% 
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levels, respectively. 
5.3.4 Influence on cell biochemical composition 
The growth promotion effects of three phenolic compounds on E. gracilis has been 
confirmed. To further explore their potential in the field of biofuels, the changes in cell 
biochemical composition under different phenols treatments were analyzed through FT-IR 
analysis. Chemical bonds within the functional groups of biochemical molecules have unique 
vibration properties, thus relative content of these macromolecules can be effectively determined 
by FT-IR analysis [18]. The spectra of E. gracilis cell samples treated with different phenols were 
obtained with high signal-to-noise ratios, and the bands assigned to functional groups from the 
major macromolecules could be clearly identified in the fingerprint regions of 1800-1000 cm-1. 
The bands at 1657 cm-1 and 1451 cm-1 are assigned to amide I and amide II, respectively, which 
are related to the protein content. The phosphorylated molecules content corresponds to the band 
at 1263 cm-1, which is mainly attributed to the stretching of νas (PO2−). The band at 1738 cm-1 is 
assigned to the νs (C=O) stretching from lipids, and the band at 1080 cm-1 comes from the ν (C-
O-C) stretching of glycosidic bonds of carbohydrates.  
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Fig. 5-5. Relative content of lipid and carbohydrate under the optimal dosage of phenols 
(0.5 g·L-1 for HMA, and 0.1 g·L-1 for HBA and SRA). (a), (c), (e): relative lipid content under 
HMA, HBA and SRA treatments, respectively; (b), (d), (f): relative carbohydrate content under 
HMA, HBA and SRA treatments, respectively; C1, C2, and C3 represent the independent 
control group for each phenol experiment. The asterisk indicates the significance of the 
difference from the control group, and *, ** and *** denote significance at the 95%, 99%, and 
99.9% levels, respectively. 
For further comparison of the changes in metabolic patterns and carbon assimilation, relative 
content of carbohydrate and lipid was analyzed based on the previous research [36,37]. The results 
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were shown in Fig. 5-5. The treatments of all three phenolic compounds resulted in an increase 
in the lipid accumulation of the cells. Lipid content under 0.5 g·L-1 HMA treatment increased by 
22.51% over the control. In the 0.1 g·L-1 HBA and SRA treatment groups, the trend of enhanced 
lipid biosynthesis was also observed, which increased by 6.81% and 5.39%, respectively. This 
was consistent with the increase in intracellular carotenoids content, since synthesis of lipids and 
carotenoids shared acetyl-CoA (acetyl coenzyme A) and pyruvate as common precursors [6,38]. 
Furthermore, with the significant increase in algae cell density without sacrificing lipid 
accumulation, the lipid yield under these phenols treatments would also be greatly enhanced. The 
lipid yield in 0.5 g·L-1 HMA treatment group would increase by 2.82 times over the control. This 
was consistent with the previous report of [1] that 1 mM exogenous p-coumaric acid could 
increase the lipid production of Tetradesmus obliquus by 2.45 times compared with the control 
group, which was comparable to the effects of phytohormones jasmonic acid and salicylic acid. 
Li et al. [39] also reported that four benzoic acid derivatives promoted the lipid production of 
marine fungus Schizochytrium limacinum, and the biochemical mechanism was discovered 
related to glycolysis, pentose phosphate pathway and lipid synthesis pathway (polyketide 
synthase and fatty acid synthase). These phenolic compounds might play the similar role to 
determine a different biosynthesis and flow of carbon to metabolites by interacting with several 
phytohormones and enzymes [13]. On the other hand, decreased intracellular carbohydrate 
content in E. gracilis was observed, implying the phenols treatment induced the conversion of 
carbon flux from carbohydrate to lipids, which might be mainly attributed to the competition 
mechanism between carbohydrate and lipid synthesis. Generally, they are both the major energy 
storage products, sharing the same synthetic precursor triacylglycerols, and they can be converted 
into each other in response to metabolic changes [6]. 
5.3.5 Principle component analysis 
The FT-IR spectra of E. gracilis cells with and without the treatment of phenolic compounds 
were further analyzed using PCA to find the differences in metabolic patterns and the discrete 
trends between different treatments. The result was shown in the score plot of Fig. 5-6. PCA 
clearly resolved the data into four major components, with a cumulative contribution rate of 
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92.3%. The Q2 of PCA was 0.904, indicating predictability of the model is good. As seen from 
the score plot, the controls and the phenol-treated samples were well distinguished. The first 
principle component (PC1) explained 51.8% of the total variance in the data sets of four different 
treatments, and the second principle component (PC2) accounted for 30.8% of the variance. Since 
the other two components contributed little to the model, we focused on the PC1 and PC2 loadings 
to interpret the differences in metabolic patterns. The spectra of the control group and the phenols-
treated group were clearly separated into 3 major cluster groups in the score plot. The spectra of 
HMA treated samples were mainly clustered in the lower right part of the score plot (positive 
scores for PC1 and negative scores for PC2), while those of control samples were clustered in a 
reversed direction. The spectra of HBA and SRA treated samples were clustered together and 
were not well discriminated, indicating that closely similar changes in biochemical 
macromolecules composition occurred under the two aromatic aldehydes treatments, but they 
were still clearly separated from the controls and HMA treatment groups. To interpret the 
separation between each group, and find the biomarkers which contributed the most to the 
variance, PC1 and PC2 loadings were analyzed [36]. It revealed that along PC1 the major 
variation of macromolecules occurred in the lipid regions, and lipid content was more prominent 
in the groups located in the positive direction of PC1 of the score plot. PC2 loadings indicated 
that major variation occurred in the lipid and carbohydrate regions, and carbohydrate content are 
more prominent in the positive direction of PC2, while lipid content are more prominent in the 
negative direction. Therefore, PCA identified that lipid biosynthesis increased but carbohydrate 
content decreased under the exposure of phenolic compounds, and these biomarkers content 
changed most obviously in HMA treatment, which was consistent with the results shown in Fig. 
5-5. FT-IR analysis combined with PCA was an effective tool in determining the changes in 
macromolecule pools under the exposure of different phenolic compounds, and it demonstrated 
that these three phenolic compounds from the basic structures of lignin could be employed as the 
growth elicitors of E. gracilis and enhance the lipids accumulation. This study provides a 
preliminary understanding of the roles of phenolic compounds in the cultivation of microalgae, 
and further exploration of other phenolic growth promotors from the downstream byproducts of 
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lignin for biomass and biofuel production of microalgae is strongly recommended. 
 
Fig. 5-6. PCA score plot of FT-IR spectra derived from E. gracilis cells in response to the 
optimal dosage of phenols (0.5 g·L-1 for HMA, and 0.1 g·L-1 for HBA and SRA). R2X = 0.923, 
Q2 = 0.904. Each sample was analyzed in 9 replicates. 
5.4 Conclusion 
The current work highlighted the stimulation effect of three major phenolic compounds from 
basic structures of lignin on the growth and lipid accumulation of E. gracilis. At the optimal 
dosage of HMA, HBA and SRA, the biomass yield was increased by 2.30, 1.30 and 1.21 times, 
respectively. Morphological changes such as cell elongation and enlargement was observed, 
accompanied by an increase in photosynthetic pigments content. Lipid biosynthesis was also 
promoted by phenols without sacrificing microalgae growth, implying the potential of waste 
stream rich in HMA, HBA and SRA in improving the biomass and biofuel production of E. 
gracilis. 
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Chapter 6. Summary and prospect 
Effects of different growth elicitors from lignocellulose were summarized in Table. 6-1. 
Although the highest promotion effect was achieved by sugar alcohols from hemicellulose, the 
required dosages are too high. Phenolic compounds are more practical since growth promotion 
could be obtained at lower concentrations. Compared with phenolic aldehydes, phenolic acids 
had superior growth promotion effect on E. gracilis. We have already investigated the effects of 
different types of growth promotors on E. gracilis, and it is necessary to use these compounds in 
a combined form or the waste water from lignocellulose downstream industries after simple 
treatments to cultivate microalgae. We are also improving our work in this regard to expand its 
practical application. 
Table. 6-1 Summary of the growth elicitors from lignocellulosic materials on the growth 
and metabolism of E. gracilis 





Impact on metabolism 
Mannitol Sugar alcohol Hemicellulose 4 g·L
-1
 4.64-fold 
Lipid content increased, 
carbohydrate content decreased 
Xylitol Sugar alcohol Hemicellulose 4 g·L
-1
 3.18-fold 
Lipid content increased, 







Lipid content increased, 
carbohydrate content decreased 
SA Phenolic acid Lignin 0.5 g·L
-1
 1.63-fold 
Lipid content increased, 
carbohydrate content increased 
p-CA Phenolic acid Lignin 0.3 g·L
-1
 1.93-fold 
Lipid content increased, 
carbohydrate content decreased 
HMA Phenolic acid Lignin 0.5 g·L
-1
 2.30-fold 
Lipid content increased, 







Lipid content increased, 







Lipid content increased, 
carbohydrate content decreased 
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